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with the maximum possible surface area for binding, hence no protein binding
experiments were performed with metal thicknesses under 20 nm.

Fig. 5.2 Regions of interest on Graphium weiskei butterfly wings
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5.2.2. Fabrication of biomimetic nanostructures
Biomimetic nanostructured surfaces were prepared by Evgeny Sirotkin of Exeter
University’s magnetic materials group using the procedure previously reported by S.M.
Weekes et al. [162]. Briefly, glass substrates were spin-coated with a 1.5 µm thick layer
of PMMA which was then annealed at 180 °C. Nanostructured arrays were produced by
forming hexagonally ordered monolayers of 390 nm diameter polystyrene microspheres
upon the PMMA, which were then used as masks for reactive-ion etching (RIE).
Reactive ion etching was applied for 8 minutes in oxygen plasma produced by a 15 W
RF source at a base pressure of oxygen at 50 mTorr.

The process left regular arrays of nano-scale pillars, with the total height of the pillars
equal to the sum of thickness of the PMMA layer and the height of the remaining
spheres after etching. Substrates were then metalized using the procedure described in
the previous section.

5.2.3. Imaging and Spectroscopy
The butterfly wing regions and biomimetic nanostructures were investigated by
scanning electron microscopy (SEM) using a Hitachi S-3200N SEM. Prior to SEM, the
samples were sputter coated with 5 nm of chromium (for 3 minutes at 1 kV and 150
mTorr) in a Cressington sputter coater (208 HR) to provide SEM contrast. Raman
spectra were acquired using the Renishaw RM1000 Raman microscope (RENISHAW,
Wooton-Under-Edge, UK) system described in Chapter 3. The system was calibrated
prior to each run of experimental spectra by taking a spectrum of a silicon wafer and
using the Raman band at 520 cm-1 as a reference peak. Spectral data was acquired using
Renishaw v.1.2 WiRE software.

5.2.4. Thiophenol Monolayers
The enhancement factors of the various substrates were quantified and compared using
thiophenol. Thiophenol forms a highly repeatable and well-defined self-assembled
monolayer with a well characterized Raman and SERS spectra [76]. Monolayers were
prepared using a modified version of the procedure described by Briand et al. [66].
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Immediately after silver/gold deposition, any surface contaminants on the surface of the
samples were removed by immersion of the substrates in absolute ethanol for 1 minute.
The self-assembled monolayers were allowed to form immediately after the substrates
were removed from the ethanol bath by immersion in an ethanolic solution of 10mM
thiophenol for 10 minutes. After formation of a thiophenol monolayer, the samples
were rinsed in ethanol and allowed to dry under nitrogen before Raman analysis.
Enhancement factors were calculated using the ratio of SERS counts per molecule to
that of the spontaneous Raman counts acquired from bulk thiophenol [74].

5.2.5. Bioconjugation for Model “Immunoassay” System
In order to determine the wings’ capabilities as SERS protein assay substrates, it was
necessary to devise a protein binding system whereby the receptor protein could be
bound to the metalized wing and exposed to a solution of the target molecule. The
participation of interband transitions in the metal’s dielectric function is greater for
silver than for gold, which leads to a larger expected SERS enhancement with the
silver. In spite of this, biological SERS substrates are not usually made using silver
because rapid oxidisation leads to a short shelf life, and their reactivity with biological
substrates renders them largely unsuited to biological applications. Hence, gold was
chosen as the metal coating for the substrates in our bioconjugation experiments.

There are a variety of methods for binding proteins to a metal surface, some of which
depend on the amino acid composition of the protein, others of which do not. Direct
adsorption via covalent bonds between sulphur groups in proteins and metal surfaces
have been used with some success [163], however this method is unsuitable for use in
Raman spectroscopy-based assays, as nonspecific binding may result in a wide variety
of conformational orientations of the molecules with respect to the metal’s surface.
This can lead to Raman spectra that are difficult to reproduce. Not only that, but the
analyte may bind to the metal as well as the antibody, which can lead to noisy spectra.

Other methods of protein binding to metals involve the formation of self-assembled
monolayers (SAMs) of linker molecules. Self-assembled monolayers of linker
molecules can be straightforward to produce [164, 165] and enable a greater degree of
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specificity for antibody binding, both in terms of molecular conformation on the SAM
surface and in terms of which protein is bound.

To determine the most viable binding system, a range of techniques were investigated,
including anti-biotin bound to the metalized wings via self-assembled monolayers of
both cysteamine and 3-mercaptopropanoic acid, to detect biotin binding events using
Raman spectroscopy. The most chemically stable and financially viable option was
found to be a system using self-assembled monolayers of 3-mercaptopropanoic acid
covalently bound to the metalized wing surface as a linker molecule to which avidin
was conjugated using a reduction chemical reaction.

A model immunoassay was performed by conjugating avidin onto the metalized wing
surfaces and using the SERS spectra to detect biotin binding as a function of biotin
concentration. In order to bind the avidin molecule to the metal wings, two different
linker molecules were investigated: cysteamine (CYST) and 3-mercaptopropanoic acid
(MPA). Cysteamine and MPA form covalent bonds with metals via their terminal
sulphur groups and can be conjugated to proteins via their NH2/COOH groups using
carbodiimide coupling.

When forming monolayers the cysteamine and MPA molecules can orient themselves
in different conformations with respect to the first carbon atom (that which is bound to
the sulphur atom). These conformations are termed gauche and trans- configurations,
as shown schematically in Fig. 5.3. The ratio of gauche to trans configurations in the
monolayers is affected by a number of factors including pH, concentration of the
molecule in solution, the time over which the SAM is allowed to form and properties of
the metal surface [166].

Immediately after immersion in a solution of MPA or cysteamine, the monolayer
packing density on the metal surface is low and the trans conformation predominates.
Over time as more molecules adsorb to the metal surface the gauche conformation
becomes more common. With silver, the metal surface has a tendency to oxidise in
aqueous environments which results in desorption of molecules from the monolayer
over time, thus the molecular orientation tends towards the trans configuration.
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Fig. 5.3 A schematic diagram depicting the chemical conformation of gauche
and trans configurations of 3-mercaptopropanoic acid and cysteamine.

The ratio of gauche to trans configured molecules may be determined by examining the
Raman spectrum. For MPA the 654 cm-1 band is characteristic for a gauche S-C-C
chain, and the 735 cm-1 band is characteristic for a trans conformer [48-50]. For
cysteamine, the gauche and trans peaks are at 634 cm-1 and 719 cm-1 respectively. The
relative peak heights for the gauche and trans Raman peaks gives an indication of the
relative proportions of the number of molecules in these orientations. In the gauche
conformation, the terminal binding groups of MPA and cysteamine are less able to bind
with proteins during conjugation, so a monolayer of binding molecules in the trans
conformation is preferable. In order to determine the optimum deposition time for
MPA and cysteamine, a time study of the gauche:trans peak heights was undertaken.

In order to functionalise the metal-coated substrates with MPA, they were immersed in
an ethanolic solution of 0.02 M MPA. The MPA layer was activated using a solution of
0.002 M ethyl dimethylaminopropyl carbodiimide (EDC) and 0.005 M n-hydroxy
succinimide (NHS) in 2-(N-morpholino) ethanesulfonic acid (MES) buffer solution (20
mM MES, 0.1 M NaCl, pH5). The carboxylate groups of the MPA react with NHS in
the presence of EDC to form NHS-esters which can then react with amine groups of
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proteins.

After 15 minutes of activation, the metalized samples were rinsed in

phosphate buffered saline (PBS) at pH 7. Avidin solution in 50 µL aliquots (Sigma
Aldrich) at 10 mg/mL in PBS at pH 7 were deposited onto each silvered wing section,
and left to incubate for 30 minutes at 4◦C.

Normal Raman spectra of biotin and avidin were obtained using the following
procedure. Aqueous solutions at working concentrations of the various chemicals used
throughout these experiments were deposited onto aluminium-coated glass microscope
slides. Once these drops had dried sufficiently to produce the characteristic “coffee
ring” shaped deposition, normal Raman spectra were acquired for comparison with the
SERS spectra.

After incubation, the samples were rinsed in PBS pH 7 and immersed in a quenching
solution of 1M ethanolamine in PBS for 30 minutes at 4◦C to deactivate any unreacted
NHS-esters. Following immersion in the quenching solution, the silvered samples were
rinsed in PBS pH 7. Aliquots of biotin solutions over a range of concentrations were
then added and allowed to bind for 20 minutes at 4◦C. The samples were then rinsed in
Millipore water (PURITE, Oxford, UK) and the active area kept hydrated under a
droplet of PBS to prevent the proteins from denaturing.

5.3. Results
5.3.1. SEM Imaging of Substrates
SEM images of the dorsal side of the wings revealed that the brown regions were
covered with shield-like flat scales, whereas the blue, purple and pink regions exhibited
conical nanostructures innervated with hair-like scales similar to the sensilla trichodea
found on a different variety of Graphium butterfly reported elsewhere [167].

Since the spacing, shape and distribution of the conical nanostructures varied between
the different coloured regions, it was important to characterise which areas of the wing
exhibited equivalent structures. After examining SEM images of various regions of the
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wing (regions A – F on Fig. 5.2), the nanostructures across region D, as shown in

Fig. 5.4, were sufficiently consistent for use as SERS substrates. Fig. 5.4 also shows
the regular pillar features of the biomimetic substrate produced by the reactive ion
etching method on PMMA.

Fig. 5.4 SEM images of: the G. weiskei nano-cone arrays (A) and the biomimetic
substrate (B), with nano-cone heights of 524nm peak-to-peak distances of
390nm.
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Fig. 5.5 SEM images of green regions on G. weiskei.

The ventral side of the butterfly wings exhibited green regions (regions G – J in Fig.
5.1) with similarly shaped nanostructures as those found on the dorsal side’s pink and
purple regions. However, these green structures were found to have too many narrow
scales spanning their structure, as shown in Fig. 5.5, to provide reproducible SERS
enhancement factors from wing to wing.

5.3.2. Enhancement factors
To determine enhancement factors, the number of Raman counts per molecule in the
SERS spectrum of the substrates was estimated by assuming that the thiophenol
monolayer was at maximum density.

The maximum coverage of alkanethiols on

thermally evaporated gold substrates has been shown to be 21%; 2.5 x 1014
molecules/cm2 ± 0.1 x 1014 molecules [168].
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Fig. 5.6 SERS spectra of a thiophenol monolayer on a butterfly wing coated with
70nm silver (left) and an un-enhanced Raman spectrum of neat thiophenol in
solution (right).

Assuming maximum metal coverage, this provides a conservative estimate for the
enhancement factor, since maximum density monolayers of alkanethiols typically take
1 - 2 hours to form, whereas SERS substrates have typically been characterised using
SAMs of thiophenol formed over 10 minutes [66], hence in order to be able to compare
the substrates investigated in this study with others reported elsewhere, it was necessary
to use this reduced SAM formation time. The area of the substrate illuminated by the
objective was calculated from the Airy disc diameter; hence the number of thiophenol
molecules in the focal area was estimated at 6.0 x 106 ± 1.3 x 104.
For the Raman spectrum of neat thiophenol (Fig. 5.6), the number of Raman counts per
molecule was estimated in a similar manner; the confocal sample volume of the
microscope objective, calculated from the diameter of the Airy disc over the axial
response arising from a pinhole size of 10 microns, was found to be 1.13 x 10-2
picolitres ± 7.94 x 10-5 picolitres. For neat thiophenol, this corresponds to 6.6 x 1010
molecules ± 4.8 x 108 molecules. For the SERS spectra of the thiophenol monolayers
(Fig. 5.6), peak assignments of the most prominent Raman bands were made based
following references [64, 67] as follows; 1574 cm-1 (C-C stretching); 1072 cm-1 (in
plane C-C-C stretch and C-S stretching); 1022 cm-1 (out of plane C-H stretching); 999
cm-1 (out-of-plane C-C-C stretch); 630 cm-1 (out-of-plane C-C-C and C-S stretching).
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Enhancement factors were calculated using the peak heights at 999cm-1 of the
monolayers compared with the non-enhanced 1001 cm-1 peak of thiophenol in solution.
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Fig. 5.7 Enhancement factor of metalized wing nanostructures as a function of
metal deposition thickness: ■ data points correspond with silver, ▲ with gold.

A range of metal thicknesses was explored, in order to determine the optimum
deposition thickness. Average enhancements over three wing sections and thirty scans
were taken for each data point, the standard errors of which were too small to depict on
the graph in Fig. 5.7. The enhancement factor depends on a combination of the metal
thickness over each nano-cone, the geometric feature sharpness (both at the tips of the
nano-cones and at the cavities at their bases), and the nano-cone spacing. Therefore as
the deposited metal thickness increases, these features will be changed, causing both
the intensity and resonant wavelength of the surface plasmons to be altered, which has
led to the graph shape shown in Fig. 5.7. The difference in peak thickness and intensity
for gold and silver arises from their differing dielectric constants.

When corrected for acquisition times, the maximum enhancement factors for the
metalized G. weiskei wing surfaces were found to be 1.9 x 106 ± 5.8 x 104 for gold, and
1.6 x 107 ± 1.8 x 105 for silver. For the biomimetic substrates, the maximum
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enhancement factors were 1.1 x 106 ± 5.1 x 104 for gold and 1.4 x 107 ± 1.7 x 105 for
silver.

5.3.3. Bioconjugation
The MPA molecule binds to metal surfaces via a covalent bond from the sulphur group.
If the concentration of MPA molecules on a metal surface is high, the molecules tend to
orient themselves in a trans-configuration, whereas if the concentration is low, the
MPA molecules will have a higher instance of gauche-configuration. These
conformational changes result in changes in their SERS spectra, such as the peak height
ratios, which can be seen in Fig. 5.8. Over time, the SERS intensity increases as more
molecules adsorb onto the metal surface. However, these molecules will begin to
desorb if the deposition time is too long, resulting in a decrease in the SERS signal, as
shown in Fig. 5.7.

In the gauche-configuration, the protein-binding site of the MPA molecule is less
accessible than those in the trans-configuration; the optimal MPA deposition time was
determined by performing depositions for a range of times and comparing the ratios of
the gauche and trans peaks (at 654 cm-1 and 735 cm-1, respectively) [51–53]. After
immersing metalized wing substrates in ethanolic solutions of MPA and cysteamine for
a range of times up to 18 hours, the optimal deposition time was determined as 2 hours
for MPA and 1 hour for cysteamine.

111

SERS Using Biological & Biomimetic Nanostructures

Fig. 5.8 Graph depicting SERS spectra of MPA on gold-coated butterfly wings as
a function of deposition times. The red, black and blue lines correspond with
deposition times of 1 hour, 2 hours and 18 hours respectively.

Fig. 5.9 SERS spectra of MPA a) prior to activation with EDC/NHS, b) after
activation.

SERS spectra taken after bioconjugation to anti-biotin revealed that cysteamine
exhibited little to no binding while MPA exhibited significant binding. The reason for
this difference could arise from a lower number of COOH groups in anti-biotin
available to bind to cysteamine’s NH2 group as compared with the number of antibiotin’s NH2 groups available to bind to MPA’s COOH group. Upon activation of the
MPA monolayer, the carboxyl band at 900 cm-1 shifts to 928 cm-1, indicating that the
carboxyl group has become dissociated.
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Fig. 5.10 SERS spectra of avidin bound to gold-coated wing (b) and the avidinbiotin complex bound to gold-coated wing (a).

5.3.4. Normal Raman Spectra
The most prominent peaks in the hydrated avidin Raman spectrum (see Fig. 5.9) were
tentatively assigned to phenylalanine (1001 cm-1, 1030 cm-1), tryptophan (759 cm-1,
875 cm-1, 930 cm-1, 960 cm-1, 1001 cm-1, 1357 cm-1, 1546 cm-1 and 1580 cm-1), tyrosine
(827 cm-1, 852 cm-1), C–C stretching (930 cm-1), COO symmetric stretching (1400
cm-1). The amide I and amide III regions were located at 1665 cm-1 and 1237 cm-1,
respectively. Each avidin peak lay within 6 cm-1 of the same peak assignments for the
lyophilised avidin spectrum reported by Fagnano et al. . [44]. A 6 cm-1 discrepancy is
reasonable given the conformational changes that can occur between hydrated and
lyophilised proteins, combined with the 2–3 cm-1 limit of resolution of the system.
It was found that upon binding to biotin, the 960 cm-1 tryptophan peak increased
relative to the 1001 cm-1 phenylalanine peak (see Fig. 5.9), as reported by Fagnano et
al. . [44]. Since the avidin binding site contains the amino acids phenylalanine, alanine,
asparagine and tryptophan [54], the 960 cm-1 tryptophan peak and the 1001 cm-1
phenylalanine peak were chosen as binding indicator peaks for investigation in the
SERS assay. The amide I and amide III bands did not change significantly upon
addition of biotin.
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5.3.5. SERS Assay
Once avidin molecules were bound to an MPA monolayer, SERS spectra were acquired
(see Fig. 5.11). The most prominent peaks in the avidin SER spectrum were tentatively
assigned to tryptophan (1494cm-1, 1236cm-1), asparagine (1394cm-1, 980cm-1),
glutamine (1332cm-1, 1289cm-1), and COO- symmetric stretching (1394cm-1) [163].

Fig. 5.11 SERS spectra of metalized wing-bound avidin exposed to a range of
Biotin solution concentrations.

Upon addition of biotin, two distinct peaks were found in the avidin-biotin complex
spectra which were indicative of the complex formation, 975 cm-1 and 1000 cm-1 which
were attributed to the avidin binding site amino acids phenylalanine, alanine,
asparagine and tryptophan [163, 169]. It was found that the 1000 cm-1 peak decreased
in strength relative to the 975 cm-1 peak with increasing biotin concentration as shown
in Fig. 5.11; an attribute exploited to perform a biotin assay. When plotted on a log
scale, the assay gave a logarithmic response over a range of 0.5 – 1000 nM (equivalent
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to 0.12 ng/mL – 0.24 µg/mL) solutions of biotin suspended in buffer solution. The
limit of detection of this assay was 0.2 nM (49 pg/mL).
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Fig. 5.12 Ratios of the heights of the peaks at 975 cm-1 (peak 1) and 1000 cm-1
(peak 2) in the SERS spectra of the avidin-biotin complex for gold-coated
butterfly wings for a range of concentrations of biotin in buffer solution.

This type of response would indicate that the binding of each molecule of biotin to a
molecule of avidin changes the binding dynamics for subsequent molecules of biotin,
by decreasing the binding affinity. Avidin has four binding sites, and since molecular
conformation is expected to alter upon binding events, it is perhaps unsurprising that
the unoccupied binding sites would be affected by the occupation of one or more of the
other sites. Another factor contributing to the logarithmic binding response rate is the
accessibility of the binding sites to biotin in solution; the most accessible binding sites
will be the ones filled first and the least accessible filled last.
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5.4. Discussion and Conclusions
Gold-coated butterfly wing nanostructures can provide an excellent SERS substrate for
use with protein assaying without the need for dehydrating the sample – a major
advantage over other nanostructures surfaces used as SERS substrates. The entire
avidin/biotin assay took no more than 4 hours from surface conjugation to SERS
scanning, which is comparable to some of the more rapid ELISA assays commercially
available. The volume of analyte used was very small (only 30 µL), which would be an
advantage for applications in areas such as forensics where it is often impractical or
impossible to perform assays on large volumes of analyte.

When coated with 90 nm of gold, the substrates produced were found to provide
consistent enhancement for up to 2 weeks after evaporation, when stored in a
desiccator. Silver-coated substrates generally provided enhancement factors that were
only consistent when used within 48 hours after evaporation, due to the oxide layer
formation. In addition, gold is known to be markedly more biologically inert than
silver, hence gold was preferred for biological applications in spite of the fact that the
resulting enhancement factor was ~10 x smaller than that obtained with silver.

One of the main advantages of our SERS assay was the large range of analyte
concentrations over which a log-linear response was measured (0.12ng/mL –
0.24ug/mL) without the need for dilution of the analyte, as illustrated in Fig. 5.11.
Until now, SERS assays have been effective over typical analyte concentration ranges
spanning only one to two orders or magnitude [19, 37, 139, 140, 145], while ELISA
assays have been made with effective concentration ranges of pg/mL to ng/mL [20].
Our assay technique has bridged the gap between SERS and ELISA assays, potentially
paving the way for commercially viable SERS substrates for undertaking assays of wet
biological samples. Since SERS provides detailed structural and chemical information
about assay analytes, with effective concentration detection ranges as large as those
used in ELISA, SERS could become a much more effective immunoassay choice.

In order to demonstrate the potential for mimicking the conical nanostructures of the
butterfly wings for commercial applications, a simple reactive ion etching technique
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was employed.

The biomimetic substrates showed excellent SERS enhancement

factors (1.1 x 106 with a 90 nm coating of gold and 1.4 x 107 for a 70 nm coating of
silver), and preliminary biocompatibility experiments showed that these substrates
exhibit the remarkable property of enabling SERS signals to be obtained when the
scanning area is submerged under a droplet of buffer solution. Future experiments will
focus on combining these biomimetic substrate production techniques with nanotransfer printing methods in order to speed up production times and reduce costs, for
use with biological applications.

We have shown that naturally occurring nanostructures and their biomimetic analogues
produced excellent SERS substrates when coated with gold or silver. The butterfly
wing substrates used for a wet biotin assay were found to be sensitive over a
concentration range comparable with ELISA. The excellent biocompatibility of the
wings and biomimetic substrates is unparalleled by other lithographically produced
substrates, and this could pave the way for wide spread application of ultra-sensitive
SERS-based bio-assays.
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6. Biophotonic Applications of
Gold Nanoshells

I

N THIS CHAPTER, GOLD

nanoshells (GNS) are investigated for use with murine

macrophage cells both as luminescent markers of nanoparticle uptake and for

photodynamic therapy (PDT).

The gold nanoshell manufacturing methods are

explained and their scattering properties are investigated in sections 6.2.1, 6.2.2, 6.2.3
and 6.2.4. Both darkfield spectroscopy and CARS spectroscopy were performed in
order to determine the effect of ageing upon their optical characteristics, and hence
determine what experimental shelf-life the GNS have. Further characterisation of the
nanoshells was performed using scanning electron microscopy in order to verify their
structure. The cell culturing protocols developed for the cell lines used are given,
together with the experimental methods for inoculating live cells with gold nanoshell
suspensions and for imaging them subsequent to inoculation. Before the experimental
procedures and results are described, an introduction into the application of gold
nanoshells to this study will now be given.

6.1. Introduction
6.1.1. Nanoshells in Photodynamic Therapy
Ever since the pioneering treatment of smallpox by red light in 13th Century, numerous
therapeutic applications of light have been developed. The uses of phototherapy range
from application of UV light to skin to treat psoriasis, to use of lasers in eye surgery, to
the activation of photo-chemically active drugs in light-mediated cytoxicity. The use of
light to induce beneficial chemical reactions within the body is a special form of
phototherapy termed photodynamic therapy (PDT).

Metallic particles have been used in photodynamic therapy as a means of imaging, drug
release and photo-thermal ablation. Gold nanoshells (GNS) are a special case of
metallic particles used in photodynamic therapy, since they can both be used as contrast
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agents in two-photon fluorescence and as photothermal ablation agents, with their
surface plasmon resonance tuned to a specified wavelength. The nanoshell structure
comprises a dielectric core surrounded by a thin shell of metal and it is possible to
“tune” the absorption peak of a nanoshell to a specific wavelength by altering the core
thickness/shell diameter ratio [81]. Gold nanoshells have been used for biomedical
applications since they are non-toxic; they have also been used as SERS substrates [90,
94]. Upon exposure to light at their plasmon resonance wavelength, the GNS heat up, a
property which is investigated in this chapter for use in photothermal ablation of cells.

6.1.2. Photoluminescence of Nanoshells
The photothermal characteristics of nanoshells are not the only properties they exhibit
that are exploited in biotechnology. Analysis of the photoluminescence from gold
nanoshells may be used as a means to determine the rate at which they are taken up by
cells [94]. In section 6.2.9 of this chapter, the experiments undertaken to investigate
the effect that hydrogen sulphide has on the rate of phagocytosis in murine macrophage
cells are described.

Hydrogen sulphide is a chemical produced in a variety of

mammalian tissues, such as the liver, lung, pancreas, brain, colon etc. [170]. Much
work is being undertaken to determine the biological roles of H2S, particularly
regarding its role in inflammation [170, 171]. There is much conflicting data on this
topic, further complicated by the ability of H2S to affect the bioavailability of another
chemical involved in inflammation, NO [170-173].

Traditional hydrogen sulphide donors, such as NaHS, release H2S rapidly in aqueous
solution [173]. Such high concentrations of H2S released over short time periods are
unsuitable for determining the biological effects of H2S on live cells as they are not
comparable with conditions found within tissues where levels of H2S are only ever
found to change slowly. We used CARS microscopy to investigate the effect of a slowrelease H2S donor [morpholin-4-ium 4 methoxyphenyl(morpholino) phosphinodithioate
(GYY4137)] on the uptake of gold nanoshells (GNS) into cancer cells and macrophage
cells. GYY4137 is preferable to more “conventional” H2S donors as it has been found
to release H2S slowly in aqueous solution in vitro, producing biological effects that are
more comparable to those arising from endogenous H2S [173].
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6.1.3. Nanoshells in this Thesis
Although gold nanoshells have been investigated for use in bioassays [174] tumour
phototherapy mediators [89, 95] and cell markers [96], there is a requirement for further
study of their interaction with cells in order to improve dosing estimates and
quantification of their photo-thermal effects. The experiments in this chapter therefore
address this requirement, using coherent anti-Stokes Raman scattering (CARS) as a
means to image gold nanoshells within live cells. CARS spectroscopy and darkfield
spectroscopy were used to determine the nanoshells’ localised surface plasmon
resonance (LSPR) properties in order to verify their suitability for use as contrast agents
and for photo-thermal ablation.

6.2. Experimental
6.2.1. Manufacturing Process of Metal Nanoshells
Gold nanoshells are produced by the “seeding” and “plating” methods first discovered
by Naomi Halas [175]. This method involves a spherical dielectric core, typically made
from SiO2 terminated in amine groups which act as binding sites for colloidal gold
particles, or “seeds”. Once seeded, the spheres are exposed to a chloroauric acid
solution and a reducing agent, which causes the coalescence of a gold shell around the
silica cores.

To make nanoshells, a method using reduction chemistry on aminated silica nanosphere
cores was employed.

2HAuCl4(aq) + 3HCHO(l) + 3H2O(l)+ 4K2CO3 (s)→
2 Au(s) + 3CHOOH(l) + 8KCl(aq) + 4H2O(l) + 4CO2(g).
Exposure of aminated silica nanospheres to a solution of seeding colloids results in
binding of colloidal gold particles to the amine groups on the silica nanospheres. Once
seeded, the gold-terminated silica nanospheres were separated from the reaction
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mixture by repeated centrifugation and dispersion in nanopure water. The seeded
nanospheres are then added to a reducible salt (a solution of hyaluronic acid,
formaldehyde, water and potassium carbonate) in order to grow a complete gold shell.
By adjusting the concentrations and reaction times for the various steps in the shell
formation reaction chamber, it is possible to adjust the thickness of the gold shell and
hence tune the LSPR absorption peak wavelength. The extinction spectra of nanoshells
can be used to monitor shell formation: a complete shell has been found to result in a
“hump” at a lower wavelength to the LSPR peak wavelength [81].

Gold nanoshells were imaged using SEM to verify their structure. Dilute solutions of
the nanoshells and constituent parts were deposited on indium tin oxide (TiO) coated
glass substrates prior to imaging. It was not possible to produce gold nanoshells tuned
to a LSPR peak of 785 nm in sufficient quantity with the apparatus available.
Therefore, to provide sufficient nanoshells for cell experiments, nanoshells produced
using the methods above and tuned to a LSPR absorption peak of 785 nm were
purchased (nanoComposix, San Diego).

6.2.2. Characterisation of Gold Nanoshells by SEM
SEM images of nanoshells were acquired by spin-coating a TiO-coated glass substrate
with a dilute solution of GNS suspended in nano-pure water prior to imaging using a
Hitachi S-3200N SEM.

Fig. 6.1 SEM images of seeded gold nanoshells (left) and fused nanoshells with
incomplete shells (right).
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In Fig. 6.1, gold nanoshells at two stages of production are shown. The left image
shows colloidal gold attached to the aminated silica cores in the “seeding” phase, and
the right image shows partly coalesced shells of gold surrounding aminated silica cores.
A complete nanoshell is shown in Fig. 6.2, which was representative of the nanoshells
purchased from nanoComposix.

Fig. 6.2 SEM image of a single, complete nanoshell. The scale bar is 200 nm.

6.2.3. Determining
Nanoshells

the

Plasmon

Characteristics

of

aged

Metallic nanoparticles exhibit changes in their bulk plasmon resonance, which depend
on the medium in which they are suspended, as described in Chapter 3. Simple
nanostructures such as spheres or ellipsoids exhibit a typical LSPR wavelength shift of
between 100 and 200 nm per refractive index unit (RIU) as a result of changes in the
bulk medium. The shift per RIU is defined as the shift in nanometres of the LSPR peak
that would occur if the bulk medium surrounding the nanoparticle underwent a change
in its refractive index of 1. The local sensitivity of metallic nanoparticles varies as the
size and shape of the nanoparticle and is determined by how confined the LSPR
enhanced magnetic field is to the nanoparticle surface.
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In order to determine how storage of the nanoshell solution for 12 months might affect
their plasmon characteristics when immersed in culture medium and when surrounded
by air, a dark-field spectroscopy experiment was devised. During the following cell
experiments, GNS were cleaned and dried onto a coverslip before being placed in a
flow cell. Dark-field scattering spectra of a selection of nanoshells were obtained when
they were surrounded by air; spectra from the same nanoshells were then obtained after
DMEM had been introduced to the flow cell. The effect of the addition of DMEM
upon the bulk plasmon resonance was determined by analysis of the scattering profile.

The GNS were centrifuged at 4000 rpm for five minutes to form a pellet, from which
the supernatant was removed. To ensure that the GNS were free from any surface
contaminants prior to obtaining the dark-field spectra, an aliquot of GNS was
resuspended in nanopure water and the container was immersed in an ultrasonic bath
for between 10 minutes and 30 minutes, to disperse any aggregated nanoshells.

Glass coverslips for use in the darkfield spectroscopy flow cell were cleaned with hot
water and detergent then were immersed in aqua regia for 10 minutes before being
rinsed in nanopure water and dried under nitrogen gas following the protocol outlined
in Chapter 5. A 20 µL droplet of the cleaned GNS was deposited onto a clean glass
coverslip.

The droplet was allowed to dry before the coverslip was affixed to a

toughened glass microscope slide using two layers of Parafilm as a spacer
approximately 50 µm in thickness. The two glass plates were held firmly against a hot
plate at ~100 oC for up to 3 minutes. The high temperature allowed the Parafilm to
melt sufficiently to form a watertight seal which bound the glass plates together. Once
affixed, the glass plates were screwed into place on a custom-built brass flow cell.

The flow cell was placed onto a Nikon Eclipse TE2000u microscope with inverted
illumination and collection through a ×100 dark-field dry objective. Using this setup,
light from a 100 W halogen bulb was scattered by the GNS and collected by the central
portion of the lens and directed toward the entrance slit of a spectrometer. Attached to
the exit port of the spectrometer was a CCD array that collected the dispersed light,
thus enabling spectra to be obtained from up to 9 GNS simultaneously.
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Fig. 6.3 Darkfield microscopy image of gold nanoshells annealed to a glass
coverslip, in air; the green and the purple box represent the flow cell experiment
locations for spectra 1 and 2 respectively.

Dark-field spectra were taken from two nanoshells and background regions devoid of
GNS for each of the three fluids being investigated. The nanoshells chosen are
highlighted in Fig. 6.3; these two same nanoshells were investigated while surrounded
by air and subsequently while surrounded by culture medium. The LSPR peaks for
each of the spectra collected were found using a Lorentzian peak fit procedure.
Subtraction of the LSPR peak position of the GNS in phosphate buffered saline from
that of the GNS in DMEM yields the bulk shift.

The theoretical scattering and

extinction spectra for the nanoshells used in these experiments were calculated using an
online tool based on Mie scattering theory for multi-layer nanoparticles [130].
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Fig. 6.4 Scattering profile for GNS 1. The dashed lines denote the theoretical
calculation, the solid lines are the experimental result: black is for GNS
surrounded by air, red is for GNS surrounded by culture medium.

Fig. 6.5 Scattering profile for GNS 2. The dashed lines denote the theoretical
calculation, the solid lines are the experimental result: black is for GNS
surrounded by air, red is for GNS surrounded by culture medium.
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Fig. 6.6 Extinction spectrum of fresh gold nanoshells (nanoComposix).

The extinction spectra shown in figures 6.6 and 6.7 show the optical density, that is
log10(I0/I) where I0 is the intensity of the incident light and I is the intensity of the light
transmitted through the sample.

The main features of the theoretical extinction

spectrum for the GNS (Fig. 6.7) and the manufacturer’s supplied measured extinction
spectrum (Fig. 6.6) are the large peak at ~ 750 nm (corresponding to the LSPR peak), a
smaller peak at ~ 600 nm (indicative of complete nanoshell formation [129]) and a
minimum “dip” at ~ 500 nm.

The peak positions are in reasonable agreement between theory and experiment,
although the experimentally determined extinction spectrum has a higher baseline
optical density, with minima ~ 3 times larger than those for the theory.

This

discrepancy could have arisen from additional chemicals added to the solution by the
manufacturers to prevent aggregation.
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Fig. 6.7 Theoretical extinction spectrum of gold nanoshells, silica core radius
60nm gold shell thickness 15nm, in phosphate buffered saline calculated based
on Mie scattering theory, with the peak intensity scaled to match [130].

6.2.4. Verifying CARS Signal/Enhancement from Gold Nanoshells
A droplet of diluted gold nanoshells was deposited on a cleaned glass coverslip, and
placed in the focal plane of the CARS microspectrometer. The spectrometer setup used
is as described in Chapter 4. The pump and Stokes wavelengths used to obtain spectra
from the nanoshells were 924 nm and 1254 nm respectively, with the beam raster
scanned to reduce photo-damage to the sample, with laser power of no more than 7 mW
at the focus. The results obtained are shown in Fig. 6.8. The red spectrum corresponds
with excitation from both the Stokes and pump wavelengths, while the black spectrum
corresponds with excitation from the Stokes beam alone.
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Fig. 6.8 Emission spectra of gold nanoshells under excitation from Stokes
(black) and pump and Stokes simultaneously (red).

6.2.5. Mouse Macrophage Cell Culturing Protocols
The mouse macrophage cell line, RAW 264.7, required a culture medium comprising
Dulbecco’s modified Eagle’s medium (DMEM) 500mL supplemented with 10% FBS
by volume and 1 mL Gentamicin (antibiotic). Every third passage, medium without
Gentamicin was used and the cells were examined closely in order to ensure a low-level
bacterial infection was not present. RAW 264.7 cells were cultured in T75 and T25
flasks until 80% confluent, then passaged (trypsinised) and split 1:4. The medium was
changed every 2 to 3 days. Stock samples of this cell line were frozen down using FBS
+ 10% dimethyl sulphoxide (DMSO, previously filtered with a 0.20um filter). To
ensure the experiments involving nanoparticle uptake were reproducible, macrophage
cells between passages 3 and 10 were used.

To prepare a sample of cells for experimentation, a T75 flask of <80% confluent cells
was rinsed 3 times in Dulbecco’s Phosphate Buffered Saline (DPBS) prior to addition
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of 2 mL trypsin EDTA and incubation at 37°C and 5% CO2 for 5 – 7 minutes. TrypsinEDTA (ethylenediaminetetraacetic acid) was used to lift the cells from the inner surface
of the culture flasks and into a suspension. EDTA is a chelator of divalent cations
which enhances the activity of trypsin solutions. The calcium and magnesium in the
extracellular matrix, with aids in cell-cell adhesion, also obscures the peptide bonds that
trypsin acts on. The EDTA is added to remove the calcium and magnesium from the
cell surface which allows trypsin to hydrolyse specific peptide bonds. This activity can
be halted by adding a serum media mixture.

After incubation, the flask was then firmly tapped several times and rocked gently to
facilitate cell lift-off. The trypsin was deactivated using 5 mL DMEM and the cells
were dispersed evenly in the medium by repeated aspiration and ejection into the flask.
Cell numbers were calculated using a hemacytometer and an appropriate volume of
DMEM was added to the cells to provide a seeding density of 0.2 x 106 cells per
Fluorodish.

Cell cultures were maintained at 37 °C and 5% CO2 for 24 hours prior to
experimentation. Immediately before imaging, the medium in the Fluorodish flasks
was removed and replaced with 2 mL fresh, warmed medium. The health of the cells
was verified at this point using a control flask which was assessed for viability using
the trypan blue exclusion dye staining method, as described in section 6.2.6.

For long term cell storage, A431 cancer cells were stored frozen in liquid nitrogen tanks
using the following protocol:

1. Harvest cells from an actively growing flask using trypsin as described above in the
subculturing procedure.
2. Once the trypsin has been neutralized using cell culture medium, the cells can be
transferred to a sterile centrifuge tube.
3. Spin the tube at 2000 revolutions per minute for 5 minutes to pellet the cells.
4. Aspirate or decant the supernatant being careful not to disrupt the cell pellet.
5. Resuspend the cell pellet in 1 mL of growth media and then determine the cell
concentration by counting an aliquot using a hemacytometer.
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6. Dilute the remaining cells to 1 x 106 cells per mL using growth media containing
10% DMSO (tissue culture grade).
7. Aliquot 1 mL of cells into cryo-vials.
8. Slowly freeze the cells in a -80 °C freezer using a Mr. Frosty (Nalgene) container or
the like.
9. Transfer the frozen cell aliquots to liquid nitrogen tanks 4-24 hours later for long
term storage.

6.2.6. Cell Counting and Viability Staining Methods
To accurately determine the number of cells in a population, cell counting methods
employing glass chambers of a known volume with a series of grids etched on the
lower surface are often used. A suspension of cells is introduced into the chamber,
which is then examined under white light microscopy. The total number of cells
positioned within regions of the grid is determined using a tally clicker counter. The
number of cells per unit volume is then calculated using the average number of cells
and the known volume of cell suspension represented by each region of the grid.

These specialised cell counting chambers are called hemacytometers (also known as
haemocytometers), which come in two parts: the glass counting grid and the glass
coverslip. In this thesis, the variety of hemacytometer used is a Neubauer improved
(Marienfeld), as shown in Fig. 6.9. To prepare the hemacytometer for cell counting, it
is carefully cleaned in deionised water and dried with a lens tissue. Special coverslips
are cleaned and dried in the same manner.

A coverslip is placed over the

hemacytometer counting grid by first carefully exhaling onto its surface to form
condensation, and firmly pressing it onto the edges of the hemacytometer.

The

appearance of Newton’s rings (rainbow-like rings) at the interface between the two
pieces of glass indicates that the gap between the coverslip and the counting grid is
optimised.

Once the cell suspension is ready and is verified as being monodisperse, a small volume
of the suspension is introduced at the edge of the coverslip. Capillary forces induce the
suspension to flow into the counting chamber. Once this is complete, the cells may be
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counted under a white light microscope. To reduce error in cell counting, a standardised
procedure has been developed.

The cell total for one of the 1 mm grid squares are determined by adding up the cells
within each of the 0.1 mm squares (shown in the bottom panel in Fig. 6.9). To avoid
counting the same cells more than once, only cells that lie within one of the 0.1 mm
squares or on the bottom-most or right-hand boundary lines of that square are counted.
Cells that lie on the upper-most or left-hand boundaries are not counted for that 0.1 mm
square. All the cells counted in the 0.1 mm squares within one 1 mm grid square are
totalled, and this process is repeated for at least 2 other 1 mm grid squares, and the total
of the three (or more) is recorded. The distance between the 1 mm grid square and the
coverslip when the coverslip is properly placed over the counting chamber is 0.1 mm,
so the total volume above the 1 mm grid square is 0.1 mm3 (or 0.0001 mL). The total
number of cells counted is related to the concentration of cells in the suspension by the
following equation:
݊ =  × ݏ(ܥ0.0001),

where n is the number of cells counted, s is the number of 1 mm grid squares counted
over and C is the concentration of cells in mL-1. So, the concentration of cells per mL
of the suspension is easily calculated by rearranging the expression to give = ܥ

×ଵସ
௦

.

The cell lines used in this thesis are all adherent. Hence, in order to produce a
monodisperse suspension of cells suitable for use with a hemacytometer, they first have
to be trypsinised and resuspended in cell culture medium. To establish the cell line
parameters, sample cultures were raised and tested for viability daily for a week. The
trypan blue staining method, outlined below, was used to determine the proportion of
viable cells within the culture. There exist a number of methods for determining cell
viability, some of which involve assaying for metabolic by-products and others of
which require the addition of reagents to a cell culture. The trypan blue vital stain dye
exclusion method was selected for its reproducibility, low cost and efficiency.

Trypan blue is a diazo dye which is excluded from the membranes of live cells, but is
able to cross into the cytoplasm in dead cells. Hence, after staining with trypan blue it
is possible to discern the viable cells in a population simply using white light
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microscopy and counting the numbers of blue and non-blue cells in a known volume of
solution. Although it is a very useful technique for rapidly ascertaining cell viability,
the trypan blue staining method cannot be used to distinguish between apoptotic
(programmed cell death) and necrotic (prematurely dead) cells. To account for the
systematic overestimate of cell death due to apoptotic cell numbers, background cell
viability measurements were taken in all samples.

The procedure for trypan blue viability staining is well established [176]. Once the
monodisperse cell solution was produced by trypsinisation of the cells, a 200 µL
sample volume of cells was added to an equal volume of 0.4% trypan blue solution
(Lonza, Wokingham), and allowed to stand at room temperature for 5 minutes.
Meanwhile, the remaining cell suspension was mixed with an equal volume of culture
medium to deactivate the trypsin EDTA.

To determine the proportion of cells that were viable in the cell suspension, 10 µL of
the trypan blue-stained cells was introduced to a haemocytometer. The numbers of
blue stained cells (non-viable) and non-blue stained cells (viable) were determined
using the procedure outlined above for cell counting. Additionally, trypan blue was
also used to determine cell viability in culture dishes immediately after
experimentation. In the following experiments, the cell culture medium was aspirated
from each Fluorodish and replaced with 2 mL 0.4% trypan blue stain (Lonza,
Wokingham).

Since adherent cell cultures are susceptible to being dislodged from their culture dishes
under even mild agitation, all aspirations and additions of fluid to the Fluorodishes
were performed as slowly as possible and with the utmost care. A preliminary study
revealed that 15 minutes was the ideal incubation time. After 15 minutes incubation at
37 oC, the trypan blue was aspirated from the Fluorodishes and very gentle rinsing with
DPBS was undertaken to remove excess stain. After three rinses, 2 mL of cell culture
medium was added to each Fluorodish prior to white light imaging. A reference grid
was drawn onto the base of the Fluorodish in order to facilitate cell location.
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Fig. 6.9 Schematic diagram outlining the Neubauer Improved haemocytometer
[177].
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6.2.7. Nanoshells as Contrast for CARS Microscopy
Previous work investigating the cancer therapy applications of GNS has involved using
macrophage cells as “Trojan horses” to carry GNS to the site of a tumour [96]. Since
tumours typically exhibit a leaky vasculature, they have a large accumulation of white
blood cells in their immediate vicinity. By injecting un-conjugated GNS directly into
the host’s bloodstream, Halas et al. exploited this system for delivery of GNS to the site
of the tumour [96]. Although the results obtained in this study were positive, little is
known of the effects that GNS have on macrophages at the cellular and sub-cellular
level, particularly when undergoing photothermal ablation. One of the consequences of
cell ablation is the release of cytotoxic materials into the extracellular matrix. The aim
of the following experiments is to probe the interaction of GNS and macrophages.

Working aliquots of gold nanoshells were centrifuged at 4000 rpm for five minutes to
form a pellet, from which the supernatant was removed.

Sufficient Dulbecco’s

phosphate buffered saline was added to the Eppendorf tube to bring the nanoshell
concentration to 3 x 108 mL-1, and the nanoshells were dispersed by immersion of their
container in an ultrasonic bath for between 10 minutes and 30 minutes. The cells were
exposed to 200 µL of the nanoshell solution (containing 6 x 107 nanoshells) together
with 8 µL of lipopolysaccharide (from E. coli, Sigma) at mg/mL to activate the
macrophages’ phagocytotic response. Exposure times were varied between 10 minutes
and 24 hours, to determine the effect on the cells.

To remove excess nanoshells from the cells, the medium was carefully aspirated and
discarded from each Fluorodish. All traces of excess nanoshells were removed by a
series of gentle rinses with a total of 15 mL DPBS. Normal growth medium was then
added to each Fluorodish before any further experimentation.

The effect of the

nanoshells on the normal growth and behaviour of the cells was determined both by eye
under light microscopy and by trypan blue exclusion dye viability assay.

The power tolerance of cells exposed to the gold nanoshells was investigated under
CARS microscopy. A reference grid was drawn on the underside of each Fluorodish to
enable reproducible identification of areas of interest. Prior to CARS imaging, the
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location of areas of interest was determined using images taken in white light
microscopy. These images were then used in conjunction with the grid to enable rapid
navigation to areas of interest under the CARS laser.

Fig. 6.10 Epi- (left) and forwards- CARS (right) images of gold nanoshells
suspended in agarose gel. Images were obtained using pump and Stokes
wavelengths of 918 nm and 1265 nm respectively. Each image width is 260 µm.

The CH2 Raman band was imaged by tuning the Stokes and pump wavelengths to 1264
nm and 924 nm, respectively. The signal from the nanoshells was found to be equally
strong when the pump and Stokes beams were tuned away from the lipid resonance, as
shown in Fig. 6.10. The nanoshells showed up clearly on the epi-CARS signal since at
a diameter of 150 nm they are smaller than the excitation wavelength. As explained in
Chapter 3, the forwards-CARS signal for scatterers of varying sizes will increase and
plateau as the scatterer size increases to the same order of magnitude as the focal
volume, whereas for epi-CARS, the signal increases as the size of scatterer decreases
below the wavelength of the incident light [106].

Exposure to CARS laser energies of over 10 J was found to result in cell death for cells
which had taken in nanoshells, but not for cells which hadn’t. Cell blebbing was
observed in cells devoid of nanoshells when exposed to laser energies of over 40 J. A
power study was undertaken to determine the optimum laser power for photothermal
ablation of the cells, the details of which are given in the next section.
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6.2.8. Ablation Study
Mouse macrophage cells were grown to 80% confluence in T75 plastic cell culture
flasks (Lonza, Wokingham) at 37 oC, 5% CO2 and saturated humidity. Fluorodishes
were seeded with 0.2 x 106 cancer cells per dish 24 hours prior to experimentation.
Gold nanoshells (nanoComposix) were prepared for addition to the cells by
centrifugation at 4000 rpm for 5 minutes, removal of the supernatant and resuspension
in nano-pure water (Millipore). GNS were added to Fluorodishes (WPI) over a range
of incubation times and concentrations.

Fig. 6.11 CARS and white light microscopy images of macrophage cells, with
and without GNS. Left to right: before exposure to CARS, CARS image and
after exposure to CARS and trypan blue staining. The top row corresponds with
undosed cells and the bottom row with cell exposed to GNS. The CARS
excitation wavelengths were tuned to the CH resonance for the F-CARS (red)
and off this resonance for the epi-CARS (blue).

An example of the images obtained using white light microscopy and CARS imaging is
given in Fig. 6.11. It is worth noting that this figure clearly illustrates the degree to
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which the cells typically migrated over the time course of the experiment; given that the
cells used in these experiments were live, this is to be expected. Macrophage cells are
known to be mobile, even when adhered to a culture dish coated in Poly-D Lysine. In
the time lapse between exposure to CARS and imaging under white light (~ 25
minutes), many cells exhibited varying levels of migration (0 µm – 100 µm) on the
culture dish, consistent with normal macrophage cell behaviour. The cells adhere to the
culture dish via their outer membranes, hence cells with compromised membrane lipid
structure were susceptible to becoming detached from the culture dish during the
trypsinisation and subsequent rinsing. These factors unavoidably contributed to the
error associated with determining cell mortality percentages. Mouse macrophage cells
had a baseline mortality of 5% which was unaffected by addition of GNS. The cells
containing GNS exhibited linearly increasing levels of mortality under exposure to laser
energies above 10 J (Fig. 6.12), whereas those devoid of GNS remained unaffected.
Cells containing GNS unexposed to CARS exhibited normal behaviour and no visible
gross morphological changes were observed up to 2 days after exposure.

Fig. 6.12 Graph depicting the percentage of photothermally ablated macrophage
cells as a function of laser energy at the sample (red line). The baseline mortality
exhibited by both GNS-containing cells unexposed to CARS, and GNS-free cells
exposed to CARS up to 35 J laser energy at the sample is also shown (blue line).
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The nanoshells provided a strong signal using pump and Stokes wavelengths in the
range 919 nm - 924 nm and 1260 nm – 1255 nm respectively. Thus for each cell
experiment one CARS image was taken at 924 nm (to provide clear images of cells in
the forwards direction) and another was taken at 919 nm (to show position of
nanoshells in the epi-direction) since lipid droplets are not detectable in the epidirection at 919 nm [109].

The baseline mortality of 5% was unchanged for mouse macrophage cells unexposed to
GNS, whereas cell mortality increased linearly with laser energy for cells containing
GNS above a threshold level of 10 J (Fig. 6.12). Nanoshells were imaged at laser
energies lower than 10 J with no damage to the cells, providing a non-destructive
means for dose of GNS to be determined.

6.2.9. Monitoring the Effects of
Phagocytosis using GNS Contrast

Hydrogen

Sulphide

on

GNS (nanoComposix San Diego) with an optical resonance at 785 nm (core diameter
120 nm, gold shell thickness 15 nm) were ultrasonicated for 20 minutes before being
spun down at 4000 rpm for 5 minutes. GNS were then re-suspended in DMEM and
ultrasonicated again to break up any aggregations. Cell cultures were seeded overnight
onto Fluorodishes (World Precision Instruments) containing 2 mL macrophage growth
medium with 0.2 x 106 cells per dish before exposure to 6 x 107 GNS in DMEM. The
cell medium was gently aspirated to facilitate even distribution of GNS throughout the
culture dishes. Mouse macrophages were also exposed to 8µL lipopolysaccharide
(LPS) (K-235, Sigma Aldrich) immediately after addition of GNS.

After addition of GNS and LPS, a range of concentrations of a slow-release H2S donor
(GYY4147), or a rapid-release H2S donor (NaHS) were added to the dishes prior to
incubation at 37 oC for 24 hours. Since these solutions of GYY4147 and NaHS
decompose over time to become less potent, working solutions were made immediately
prior to experimentation and were filtered through a 20 µm membrane (Lonza) to
remove any contagions. Once the required inoculation time had lapsed, the cells were
138

Biophotonic Application of Metallic Nanoparticles

subsequently rinsed 5 times in 3 mL DMEM to remove excess GNS and
GYY4147/NaHS from the supernatant. Cells were imaged using CARS with λp = 924
nm and λS = 1255 nm to excite the CH bonds within the lipids of the cell membranes.
During CARS imaging, the presence of GNS was verified by tuning the pump and
Stokes wavelengths λp = 919 nm and λS = 1263 nm, and another pair of wavelengths not
associated with Raman bands from cellular components. Any Epi-detected signal
found in the same areas for all of these wavelengths was associated with GNS. The
epi-detected signal from the nanoshells at excitation wavelengths away from the CH2
resonance was used for analysing the position of the nanoshells within the cells, since it
avoided confusion with lipid droplets. The outlines of the cells were determined by
subsequent imaging of the cell membrane by tuning the pump and Stokes beams to
excite the CH2 resonance.
The image analysis software package ImageJ was used to analyse the stacks of images.
A z-projection of the stack was made, summing the intensities for each pixel over all
the images in the stack. The start and finish points of the stack were determined by
comparison of signal from images at the CH2 resonance, to locate the upper and lower
bounds of the cell membranes. In this manner, signal attributable to nanoshells arising
from nanoshells within the cell was measured, rather than from outside the cell. The
intensity profile for each cell was determined using the transmitted light image as a
template for the outlines of each cell, the outlines of which were superimposed (using
the polygon tool in ImageJ) upon the epi-CARS images obtained when the excitation
wavelengths were tuned away from the CH2 resonance.
The average intensity of the background for each cell was taken from an area adjacent
and external to the cell. The percentage of pixels within the cell with intensity values
above the background level were attributed to signal from nanoshells. It was necessary
to take a different background intensity measurement for each cell in order to account
for the nonresonant background from the bulk water in the sample, which due to
chromatic aberration is not consistent across the focal area.
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By taking background pixel intensity measurements from regions in close proximity to
each cell in this manner, it was possible to determine a threshold intensity value above
which the signal is attributable to GNS.

The addition of GYY and NaHS to

macrophages increased the percentage of the cells containing GNS, as illustrated in Fig.
6.13, indicating that they both increase the rate of phagocytosis within macrophages.
However, this effect was noticeably more marked with NaHS.

Fig. 6.13 Effect of H2S donors on macrophage uptake of GNS. Control 1 = no
GNS, control 2 = LPS and GNS but not H2S donor molecules.

The data in Fig. 6.13 for each concentration were obtained from between 5 and 10
images, contributing a total of between 20 and 50 cells for each data point. The
limitations to this experiment arose from the need to limit the exposure of each cell dish
to conditions outside of their incubator environment. Although the microscope was
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encased in a custom-built chamber and kept at 37 oC throughout these experiments, the
lack of CO2 and a moist atmosphere would cause the cells to deteriorate over time,
hence culture dishes were not kept out of the incubator for longer than 2 hours at a
time.

This level of tolerance was verified by a trypan blue viability test which

determined that cell death rates were not increased by exposing cultures devoid of
nanoshells to the same imaging conditions for 2 hours.

Fig. 6.14 Forwards-CARS (grey) and epi-CARS (red) signal obtained from mouse
macrophages containing gold nanoshells. The excitation wavelengths used
were: λp = 924 nm λS = 1064 nm (A), λp = 919 nm λS = 1263 nm (B), λp = 912 nm λS
= 1278 nm (C), λp = 924 nm λS = 1255 nm (D).
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All the macrophage cells used in these experiments were from the same passage
number (10) in order to reduce the effect of culture age on the effects of nanoshell
uptake. Each data point in Fig. 6.13 represents data obtained and averaged for two to
three culture dishes. For any given experimental run, only one variety of H2S donor
was investigated, at only one concentration. This precaution was taken to reduce any
possible interference effects from H2S escaping from the culture plates into the
incubator atmosphere.

Fig. 6.15 Forwards CARS (grey) overlapped with epi-CARS (red) of A431 cancer
cells incubated with nanoshells and varying concentrations of GYY excited at λp
= 924 nm λS = 1255 nm. Concentrations of GYY for each image: A = 10 µM, B =
100 µM, C = 0.5 mM, D = 1.0 mM.
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A sample of the range of wavelengths over which GNS can be imaged within live
mouse macrophage cells is demonstrated in Fig.6.14. Each of the images in this figure
represent the same set of cells and all images were taken within a total of five minutes,
to limit the level of cell migration. The signal detected from the nanoshells (shown in
red in Fig. 6.8) is predominantly generated by two-photon luminescence, as previously
demonstrated by Fig. 6.8. The cancer cells exhibited a very different growth pattern on
the culture dishes, as shown in Fig. 6.15. As a confluent cell line, it is expected that
these cells would flatten and spread out, maintaining contact with adjacent cells. This
made determining each cell’s outer membrane location more challenging than for the
mouse macrophage cells, which tended to grow in relative isolation from each other.
Investigation of Fig. 6.15 gives an indication of the different rate of GNS uptake in
cancer cells over the range of GYY concentrations investigated; clearly doses at 10 and
100 µM GYY resulted in lower uptake than for the higher concentrations of 0.5 mM
and 1.0 mM.

6.3. Discussion and Conclusions
Using the seeding and plating technique outlined in section 6.2.1, gold nanoshells were
produced and subsequently characterised. However, the equipment available was not
appropriate for producing the quantity of nanoshells required for cell experiments.
Hence, nanoshells were purchased (nanoComposix), and their structure was verified
using scanning electron microscopy, as shown in section 6.2.2.
After a period of 12 months in storage at 4 oC in sterile conditions with periodic
ultrasonication to prevent the formation of aggregated clusters, gold nanoshells were
subjected to darkfield spectroscopy to determine their aged plasmon characteristics. As
shown in the darkfield microscopy image in Fig. 6.3, there was a distribution of
nanoshell colours. Two nanoshell regions were selected for darkfield spectroscopy
measurements, one of which appeared yellow in the darkfield image (GNS 1) and the
other appeared blue (GNS 2). In the darkfield microscopy setup it is not possible to
resolve between two nanoshells in close proximity to one another. As shown in Fig.
6.4 and Fig. 6.5, the nanoshell LSPR has been found to be blue-shifted with respect to
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the theoretical Mie-scattering calculation for GNS 2 in both air and for culture medium
(DMEM). This is most likely as a result of dimer formation [178].

The yellow nanoshell scattering profile for DMEM was found to have deviated from
the theoretical profile for a liquid with the same refractive index as DMEM (Fig. 6.4)
which could be a result of adsorption by serum proteins to the gold surface. These
spectra have shown that the LSPR resonance for the nanoshells used in our experiments
do not deviate as much as the theory predicts when exposed to a change in the
medium’s refractive index. However, they have also shown that the LSPR is blueshifted with respect to that calculated in the Mie-scattering theory. Since the LSPR
peak is so broad, however, they still were found to emit photoluminescence over the
wavelength ranges required for our experiments and hence were deemed viable for use
both as contrast agents and photo-thermal ablation agents in our CARS experiments.
The emission spectra experiment in section 6.2.4. used the pump and Stokes
wavelengths that are required to obtain CARS images of CH2 vibrations in biological
samples; 924 nm and 1254 nm respectively. Gold nanoshells exposed to these pump
and Stokes wavelengths showed a clear coherent anti-Stokes shifted signal at 731 nm,
but when exposed to the Stokes wavelength alone, this anti-Stokes shifted signal was
not present. The surface plasmon wavelength of these nanoshells was tuned to 785 nm,
so it was more strongly resonant with the pump beam than with the Stokes beam, as
well as the anti-Stokes shifted signal at 731 nm. The locally enhanced surface plasmon
fields enabled simultaneous two photon absorption, thus exciting d shell electrons to
the unoccupied sp band. The incoherently emitted signal is thought to have arisen from
electron-hole recombination at the Fermi level, whereas the coherent emission is
induced directly by the LSPR-enhanced third order polarization of the GNS surface
electron clouds [179]. The background lineshape of the emission spectrum obtained
from the gold nanoshells is characteristic of the 750 nm bandpass filter used.

As shown in Fig. 6.8, there was a very strong incoherent two-photon excited
luminescent (TPEL) background for both the spectra, such that the intensity value of
the x-intercept point on the graph corresponds with an intensity reading of 5860, while
the maximum value on the y-axis is 5970. There was a marginally larger incoherent
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TPEL background when the gold nanoshells were excited with both pump and Stokes
wavelengths simultaneously. The coherent and incoherent emission from the gold
nanoshells resulted from the surface plasmon mode being actively driven. This is the
origin of the strong signal obtained in CARS images of the nanoshells, and makes them
excellent contrast agents within cells since they provide a strong signal for excitation
wavelengths that do not probe any biological Raman bands, i.e. for the “silent” region.

The potential for CARS microscopy to obtain contrast from gold nanoshells was
verified in section 6.2.7, with strong epi-CARS signal obtained from nanoshells
suspended in agarose gel. Since the nanoshells are smaller than the incident light, the
signal in the forwards direction underwent destructive interference, as explained in
Chapter 3.

However, epi-CARS is ideally suited to obtaining signal from small

scatterers with a lower degree of nonresonant background, so the experiments using
nanoshells for contrast within cells utilised the forwards CARS images to determine the
cell structure, and the epi-CARS images to determine the localisation of the nanoshells.

After a short inoculation time of between 10 minutes and half an hour, the nanoshells
were found to accumulate nearer to the inner leaflet of the cell membrane, whereas after
a longer inoculation time of between half an hour and one hour the nanoshells were
found to cluster together in larger regions within the cytoplasm and further away from
the outer membrane (~ 2 – 5 µm). For inoculation times of less than 10 minutes, the
signal attributed to the nanoshells was overlapped with that of the outer membrane,
indicating that the internalisation of nanoshells was very rapid.

There was no association noted between nanoshells and the nucleus over these
inoculation times, or for inoculation times of up to 3 hours. Typically, between 6 and 9
regions attributed to nanoshells were identified in each cell after an inoculation time of
1 hour. The number of nanoshells within the cytoplasm was difficult to determine
since the signal is not generated by CARS alone. As described above, the signal from
the nanoshells is a combination of multiphoton processes.

Under ultrafast laser radiation, two-photon absorption in the GNS leads to a broad
luminescence in the visible region of the spectrum.

The processes behind this
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luminescence are thought to involve two-photon excitation of d-band electrons into the
metal’s empty sp states, as explained in Chapter 3. Relaxation into the Fermi level
subsequently leads to electron-hole pair recombination under the emission of the
luminescence observed. Although this process is weak for bulk gold, when surface
plasmon resonances come into play, the two-photon absorption process and subsequent
luminescent emission are significantly enhanced [179].

A crude method for a semi-quantitative analysis of the quantity of nanoshells in the
cells was devised based on the fact that CARS signal is proportional to the square of the
number of oscillators. The intensity of the cross sectional area of each cell was
measured using the histogram function in ImageJ. The square root of the signal
intensity from each pixel within the each cell that was higher than the signal from the
area surrounding the cell was used to determine the percentage of pixels within the cell
that exhibited signal attributable to nanoshells. Since the measured signal is not just
obtained from CARS, but from two-photon and other plasmon-enhanced interactions
between nanoshells in close proximity to each other, this technique only serves to show
the number of pixels associated with nanoshell signal rather than the number of
nanoshells per pixel. The volume of the cell with signal attributable to nanoshells alone
is not sufficient to indicate the relative numbers of nanoshells within the cytoplasm.
However, this method was sufficient for comparing the relative levels of nanoshell
signal within cells for the different conditions investigated.

The effect of photo-thermally induced heating in mouse macrophage cells containing
nanoshells was explored in section 6.2.1. Gold nanoshells were introduced to the
culture medium, and the macrophages were induced to phagocytise the nanoshells by
the introduction of lipopolysaccharide. After exposure to the laser, a trypan blue
exclusion dye was used to determine the percentage of dead cells within the focal area,
as described in section 6.2.6. It was found that for laser energies at the sample over 10
J, cell death above the baseline level of 5 % occurred, and that the percentage of dead
cells within the focal area increased linearly between the laser energies of 10 J and 35 J.
This information was used to determine the laser power threshold for safe imaging of
cells containing nanoshells, without causing photo-thermal damage, for the experiments
in section 6.2.2.
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The experiments in section 6.2.2. investigated the effects of the slow-releasing H2S
donor GYY compared with the rapid-releasing donor NaHS upon macrophage uptake
of nanoshells. The results obtained have shown a significant difference in the relative
effects of these two donors on phagocytosis in macrophage cells. NaHS appears to
significantly increase the rate of phagocytosis in mouse macrophages when exposed to
the same molar concentrations as GYY.

The addition of GYY to cancer cells also appeared to have an effect on the number of
GNS absorbed by the cells, as shown in Fig. 6.15. More thorough investigation of the
effect of GYY and NaHS on nanoshell uptake in cancer cells was prohibited by the
problems arising from rinsing the cancer cells of the nanoshells; the confluent layer was
highly sensitive to turbulence and was frequently lifted off the culture dish even under
the most gentle of medium aspiration. A more quantitative analysis is required to draw
more definite conclusions, however initial examination of the data suggests that the
percentage of pixels within each cell associated with GNS increases with increasing
GYY concentration. This has implications for drug delivery systems which use white
blood cells are carriers for GNS [96], as well as every other model system used for
investigating the effects of H2S on the body.
The experiments in this chapter have demonstrated the use of gold nanoshells as
contrast agents for monitoring phagocytosis using CARS microscopy, and as a means
of controlled cell destruction when appropriate laser energies are used.
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7. Label-free Imaging of Organic
Nanoparticles

T

HIS CHAPTER CONCERNS INVESTIGATION

of the interactions between a variety of

organic nanoparticles and live cells, using both CARS and SRS. In addition

CARS and SRS microscopy of brain tissue is undertaken in order to ascertain the
suitability of these techniques for investigating the blood-brain barrier.

The first

organic nanoparticles investigated in this chapter are produced by conjugation of Apo
lipoprotein E (ApoE) and polyethylene glycol (PEG) to human albumin, in order to
discern whether ApoE increases the transport of albumin into brain endothelial cells.
The last section of this chapter concerns imaging of dendrimer nanoparticles for use in
transfection of cancer cells with plasmid DNA.

7.1. Introduction
Many important endogenous molecules may be defined as organic nanoparticles;
proteins, viruses and albumin to name but a few. In biophotonics, it is often desirable
to use nanoparticles for image contrast, or for monitoring drug interactions with cells
and tissues. When compared with inorganic nanoparticles, such as quantum dots,
organic nanoparticles have received comparatively little attention over recent decades,
but this is changing. The unique and attractive properties of organic nanoparticles have
led to their increasing use in cellular biology and materials science as well as in
nanotechnology, life sciences, most notably in pharmacology in the field of
nanoparticle drug delivery.

The bioavailability and biocompatibility of drug compounds have been shown to
improve when nanoparticle delivery systems are employed [180, 181]. When the
drug’s active compounds are encapsulated, the solubility has been shown to improve,
the toxicity has reduced, the drug release is more sustained and the bioactivity is
increased. An additional benefit is the ability of nanoparticle drug delivery systems to
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be targeted to specific sites within the body. An area of particular interest is targeted
drug delivery to the brain, where the blood-brain barrier presents a major obstacle. The
blood-brain barrier consists of specialised endothelial cells that line the blood vessel
lumen within the brain. These endothelial cells form a tight network, not found in other
blood vessels in the body. This endothelial network has a neuroprotective role that
results in 95% of drug molecules in the blood being prevented from entering the brain,
while selectively allowing other molecules, such as glucose, to pass. The various
methods by which molecular uptake across the blood brain barrier occurs are illustrated
schematically in Fig. 7.1.

Fig. 7.1 Schematic diagram detailing the blood-brain barrier and its transport
mechanisms, adapted from [182, 183].

Previous methods for overcoming the drug screening effect of the blood-brain barrier
have involved finding ways to pass the drugs through the barrier, by for instance
exploiting endogenous transporters at the luminal side of the brain endothelial cells for
carrier-mediated uptake. Other methods have involved placing the drug molecules
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behind the barrier, for instance by injection directly into the brain. These strategies are
either prohibitively invasive, or have not proved to be viable for clinical applications.
Recent research into nanoparticles has found that they can dramatically increase the
intravenous and oral bioavailability of drug molecules which are critical to
pharmacotherapy of brain diseases. The use of nanoparticles to deliver drugs across the
blood-brain barrier is one of the major potential applications of nanotechnology for
clinical neuroscience. One possible route for drug uptake using nanoparticles is by
receptor mediated endocytosis, such as with apolipoprotein E (APOE). APOE has been
found to enable albumin proteins to cross the blood-brain barrier when conjugated to
them via a polyethylene glycol linker molecule via at least two receptor-mediated
processes at the blood-brain barrier. Experiments in section 7.2.3 aim to use coherent
Raman scattering microscopy to image the interaction of these APOE-albumin
nanoparticles with brain endothelial cells, in order to determine the viability of this
system for imaging nanoparticle drug uptake in the brain.

In spite of the promising benefits potentially offered by nanoparticle drug delivery, the
underlying mechanisms involved and their relation to bioavailability and targeted
delivery are often not fully understood. In order to rationally engineer improved drug
delivery systems, it is vital that further investigation of the fundamental mechanisms
underlying uptake, transport, and interaction of nanoparticles in tissues at the cellular
level is undertaken. Current imaging modalities for monitoring the efficiency of
nanoparticle uptake, such as MRI, PET and SPECT, do not allow visualisation of these
mechanisms without the addition of contrast agents incorporated into the nanoparticles
in addition to or in place of the pharmaceutical compound of interest [184]. The invivo location of the nanoparticles following administration in humans and animal
models may be monitored on the macroscopic scale using these modalities. However,
they offer insufficient spatial resolution for monitoring the fate of single nanoparticles
in tissues at the cellular and sub-cellular level.

Nanoparticle transport kinetics may currently be monitored on a cellular scale using
techniques that rely upon Confocal Laser Scanning Microscopy (CFLSM) and
fluorescently labelled nanoparticles [185]. Fluorescent labelling introduces problems;
introduction of a fluorophore can dramatically alter the biological properties of a
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particle; photobleaching may prohibit time-lapse imaging of cellular uptake and the
labels are often toxic. To fully understand the mechanisms of nanoparticle transport,
and hence rationally engineer nanomedicines, requires an imaging modality capable of
localising individual nanoparticles with sub-cellular resolution without relying on
extraneous labels for image contrast.

7.2. Experimental
7.2.1. Comparison of Brain Tissues with SRS and CARS
In SRS, the linear dependence of the signal upon the excited bond density at the focus
would potentially lead one to conclude that the SRS signal would be less intense than
for CARS. However, the inherent nonresonant background in CARS is not an issue
with SRS, thus many signals that would otherwise be swamped by the nonresonant
background in CARS imaging are potentially made available for investigation with
SRS. To determine which Raman bonds are available to CRS live cell imaging, a
comparison of the two imaging modalities is made in the following section.

Adult BALB/c mouse brains were supplied by David Begley of Kings College London,
fixed in a solution of 4% paraformaldehyde and 1% gluteraldehyde in phosphate
buffered saline. Two brains were imaged in total, one of which had been harvested
from an adult mouse five minutes after it had been subjected to a jugular vein injection
of a 5% solution of FD4 fluorescein isothiocyanate-dextran (molecular weight 3000 –
5000, Sigma). The second brain was devoid of any fluorescein. The brains were sliced
using a Zivic instruments mouse brain matrix and razor blades, to cut coronal slices of
the tissue to 1.0 mm or 0.5 mm thickness. Prior to imaging the slices, they were stored
separately, suspended in the fixative solution in sealed Eppendorf tubes at 4 oC.

Each brain section to be imaged was placed on a coverslip under a droplet of DPBS to
prevent dehydration of the sample, and to aid adhesion of the coverslip to a glass
microscope slide. The glass slide and coverslip were bound together using Parafilm,
and the sample was placed on the microscope with the glass slide uppermost.
Stimulated Raman scattering of the sample was undertaken simultaneously as epiCARS, using 1064 nm and 816 nm excitation wavelengths to excite the 2855 cm-1 CH2
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bond.

The structures most prominent in the images arose from lipid-rich myelin

sheaths of neuron bundles within the brain, which are the features that contain the
greatest number of the CH2 bond that is being imaged. As explained in Chapter 3, for
thick samples, epi-CARS detection can be used to image back-reflected forwards
CARS signal. However, the signal obtained in the epi-CARS image is made very
unclear due to the back-reflected nonresonant background.

Fig. 7.2 CARS (left) and SRS (right) images of a mouse brain perfused with FD4
fluorescein isothiocyanate-dextran, with pump and Stokes wavelengths at
816 nm and 1064 nm respectively. Scale bar is 70 µm.

The brain imaged in Fig. 7.2 was of a slice taken through the cortical region, from a
mouse dosed with FD4 fluorescein. This was used to enable identification of the blood
vessels innervating the brain, which may otherwise appear as regions devoid of contrast
due to the comparatively low CH2 bond density. Fluorescent molecules provide strong
(non-Raman) signal when imaged using SRS, and this can be clearly seen in the rightmost image in Fig. 7.2 where the brightest signal (marked by arrows) is attributed to
FD4 within blood vessels. The blood vessels appear to travel in channels within the
brain that are indistinguishable from the spaces left by brain cells, unless a threedimensional image stack is taken.

It must be noted that the two dark spots on the epi-CARS image (Fig. 7.2) towards the
left are due to artefacts, most likely dust within the microscope. However, in spite of
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repeated thorough cleaning of the lenses and removal of dust from within the
microscope, the source of this artefact has not been located to date. By zooming in on a
region of interest, it is possible to avoid showing these dark spots, and also cut out the
ring of lower intensity signal due to chromatic aberration in the epi-CARS channel.
The un-zoomed image has been included here to emphasise the drawbacks of CARS
and the benefits of SRS in imaging tissues as opposed to single cells. The brightest
pixels in the SRS image are associated with signal arising from fluorescence in the
blood vessels perfusing the brain.

Fig. 7.3 SRS image of an undosed, “blank” mouse brain (left), the red blood cells
from which are isolated for clarity in the right image. Scale bar = 40 µm.

In order to investigate the path taken by blood vessels within an undosed brain, the
capillary shown in Fig. 7.3 was selected for imaging using a depth stack taken over 13
steps of 1 µm step sizes. It was found that the haem group in red blood cells gave very
strong SRS signal, and this was used to identify the capillary. This image was taken at
a different region of the brain to that imaged in Fig. 7.2, and exhibits none of the strong
CH2 signal from the myelin sheaths surrounding nerve bundles since this part of the
brain was not populated by these structures to the same extent. The resulting three
dimensional rendering of the stack is shown in Fig. 7.4. The edge of the blood vessel is
distinguishable, passing through a gap between nerve bundles within the brain. The
main source of CH2 contrast within these images of the brain arises from the myelin
sheaths of nerve fibre bundles.
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Fig. 7.4 Three dimensional analysis using ImageJ Volume Viewer of a stack of
images obtained with SRS of an undosed brain, imaged using pump and Stokes
wavelengths of 816 nm and 1064 nm respectively. The depth of the stack is 13
µm.

In Fig. 7.4, the CH2 resonance has been selected to provide contrast from structures rich
in this chemical bond such as lipids and proteins.

Additionally, strong signal is

obtained from the haem group of the red blood cells which is not Raman-related, but
arises from fluorescent emission of the haem group. This enables the blood cells to be
used as a “road map” to the blood vessels innervating the brain, which will prove to be
invaluable if imaging samples at wavelengths for which little signal is expected. The
bulk of the signal in Fig. 7.4 arises from the lipid-rich insulating myelin sheaths of
neurons. There are numerous “spaces” found within the CH2-rich regions that provide
comparatively little signal at this Raman band, which correspond with regions occupied
brain cells and blood vessels.
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Fig. 7.5 Three dimensional rendering using ImageJ Volume Viewer, of a blood
vessel in a blank mouse brain, imaged using SRS pump and stokes wavelengths
of 813 nm and 1064 nm respectively. The stack depth is 24 µm.

In Fig. 7.5, a blood vessel that is relatively large can be seen, containing numerous red
blood cells. The distinctive “doughnut” shape of the biconcave red blood cell structure
can be clearly seen. The very high signal in the centre of the image is believed to be
from a non-chemically specific background arising from cross-phase modulation, and is
not associated with signal arising from structures rich in CH2 bonds.
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7.2.2. Brain Cell Culturing Protocols
Human brain endothelial cells (hCMEC/D3) were supplied by David Begley of Kings
College London, cultured in 24 well plates previously coated with collagen I from rat
tails, seeded at 27,000 cells/cm2. The culture medium supplied was EBM-2 medium
supplemented with growth factors and foetal calf serum (all obtained from Lonza,
Wokingham), following the manufacturer’s guidelines. The cultures were maintained
at 37 oC, 5% CO2 and saturated humidity. The cell culture medium was changed every
2 – 3 days.

7.2.3. Albumin Nanoparticles
Treatment of brain disorders by delivering therapeutic agents to key areas of the brain
is made extremely challenging due to the difficulty posed by engineering drugs to cross
the blood-brain barrier. At any time, 450 million people worldwide are affected by
mental, neurological or behavioural problems [186].

This is in addition to the

devastation caused by brain cancers, which affect more than 112,000 people in the US
alone. Treatment of these brain disorders pharmaceutically is currently limited by poor
bioavailability of drugs in the brain, due mainly to the effects of the blood brain barrier.

The blood vessels innervating the cerebellum are lined with endothelial cells which
form tight junctions that act as an effective barrier to chemicals and pathogens entering
the brain. While these tight junctions were once thought of as passive barriers, recent
developments in brain investigation have shown that the endothelial cells have an
active role in regulating brain chemistry.

These cells restrict the flow of large,

hydrophilic molecules and microscopic objects, such as bacteria, whilst enabling
smaller molecules, such as O2 to diffuse into the brain unhindered.

The exact

mechanisms by which the tight junctions restrict the passage of molecules are not fully
understood, and a greater understanding of this would have implications for how we
treat every disease of the brain.

When administered intravenously, apolipoprotein E (ApoE) cross-linked to albumin
nanoparticles results in receptor mediated transcytosis via ApoE brain endothelial cell
receptors [187]. The mechanisms of transport across the BBB involved in this process
156

Label-free Imaging of Organic Nanoparticles
require in-depth investigation before an optimised brain delivery nanotechnology
platform can be developed. In the following experiments, an imaging protocol using
CARS will be shown to give label-free sub-cellular localization of ApoE-albumin
nanoparticles within cultures of human brain endothelial cells.

Comparison with

polyethylene glycol (PEG)-albumin nanoparticles is made to determine the extent to
which ApoE affects the transport process.

The primary human serum albumin (HSA) particles were characterised as having a 200
– 250 nm diameter. Human ApoE was attached onto the surface via thiol and aminoNHS covalent binding with a polyethylene glycol (PEG) spacer to produce ApoEalbumin particles of 249 nm average diameter [187]. The total diameter of the ApoEalbumin nanoparticles was 249 nm. The control nanoparticles were also provided,
using a poly-ethylene-glycol (PEG) spacer without ApoE attached. The nanoparticles
were characterised by the suppliers by zeta sizing and electron microscopy prior to
experimentation.

Raman spectra of the nanoparticles were acquired by depositing 20 µL of nanoparticle
solution onto a glass microscope slide previously sputter coated with 200 nm
aluminium. Upon drying, a “coffee-ring” crystalline formation of the nanoparticles
emerged, the outer edge of which were used for acquiring Raman spectra. Spectra were
obtained using the Raman system described previously. For an exploratory preliminary
spectral acquisition, the 40x lens was used, with a range of acquisition times and laser
powers, in order to optimise the protocols. The fluorescent background was subtracted
and peaks were selected as described in Chapter 4.

Analysis of Figs. 7.6 – 7.8 showed that the peak assignments for the ApoE-albumin and
PEG-albumin Raman spectra were found to be dominated by the human serum
albumin, with the contribution from ApoE arising from small changes in relative peak
intensities over the fingerprint region. These peaks were too overlapped to image
separately with CARS, but their relative peak intensities could potentially be used to
determine the relative quantities of ApoE-albumin and PEG-albumin in a sample.
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Fig. 7.6 Spontaneous Raman spectrum of ApoE-albumin.

Fig. 7.7 Spontaneous Raman spectrum of PEG-albumin.
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Fig.7.8 A comparison of spontaneous Raman spectra of ApoE-albumin and PEGalbumin nanoparticles dried onto aluminium-coated microscope slides.

The most prominent peak assignments were made based on those given in “Raman
spectroscopic study of serum albumins: an effect of proton- and g-irradiation” [188].
1656 cm-1 : Amide I (α-helix); 1440 cm-1 : δ(CH2), δ(CH3); 1206 cm-1 : δ(CH) Phenylalanine, Tyrosine; 1125 cm-1 : Tryptophan; 1102 cm-1 : ν(C-C), ν(C-N); 1032
cm-1 and 1003 cm-1 : Phenylalanine.

Analysis of the spectra revealed three potential CARS candidate peaks for interrogating
relative intensities, that were sufficiently close to one another to allow reasonably rapid
tuning of the OPO between each wavelength, the C-H peaks (2920 cm-1 and 2860 cm-1)
and the δ(CH2), δ(CH3) peak at 1440 - 1450 cm-1. The peak heights for each of these
wavelengths were found to have a unique ratio that could be used to distinguish ApoEalbumin nanoparticles from PEG-albumin nanoparticles.

Immortalised human brain endothelial cells (hCMEC/D3, supplied by D. Begley, Kings
College London) were cultured in growth medium in 24 well plates (MatTek, USA)
with glass coverslip bases, suitable for use with all objective lenses in the multiphoton
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microscope. Prior to cell plating, the glass coverslip bases were coated with collagen to
facilitate cell adhesion. PEG-albumin nanoparticles and APOE-albumin nanoparticles
were introduced to the hCMEC/D3 cells and incubated at 37 oC and 5% CO2 for
inoculation times of 15 minutes and 45 minutes. The multiwell plates were rinsed with
5 mL DPBS before addition of further growth media prior to imaging with CARS.

Fig. 7.9 Epi-CARS images of nanoparticles. The left-most image illustrates
thresholding at 1 standard deviation above the mean pixel intensity value; the
right-most image illustrates thresholding at 2 standard deviations above the
mean pixel intensity value.

To account for the shift between Raman peaks and their corresponding CARS peaks,
the spectral regions around these three peaks were probed during CARS imaging;
optimal epi-CARS signal was achieved with pump/Stokes wavelengths at 919/1264
nm, 924/1254 nm and 924/1064 nm respectively. These wavelengths were determined
experimentally by rapidly imaging a spin-coated coverslip at CARS pump and probe
wavelengths that matched the Raman peak, and tuning the OPO to find the most intense
signal. The most intense signal corresponded to the CARS spectrum peaks, and hence
these were the ones selected for subsequent imaging.

Analysis of the epi-CARS signal from the nanoparticles’ control wells revealed the
intensity ratios for the various excitation wavelengths: 919 nm and 1264 nm, which was
set as the blue channel, 924.8 nm and 1254 nm, which was set as the green channel,
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924.8 nm and 1064 nm, which was set as the red channel. For the ApoE-albumin
nanoparticles the intensity ratio percentages were found to be 45.4% for the red:green
channels, 50% for the red:blue channels and 54.6% for the green:blue channels. For the
PEG-albumin nanoparticles, the intensity ratios were found to be 41.2% for the
red:green channels, 50% for the red:blue channels, and 58.8% for the green:blue
channels. Epi-CARS images of the cells at these wavelengths were analysed in ImageJ
using an RGB colocalisation plugin [189]. The expected intensity ratios were used to
screen out noise, and only perfectly spatially colocalised pixels from each channel were
selected. The corresponding f-CARS image at 924/1254 nm pump and Stokes was
used to merge with the colocalised image to give an image of the lipids within the cells
(green), overlaid with the location of signal attributed to the nanoparticles (red).

Fig. 7.10 A comparison of colocalisation parameters on images of brain
endothelial cells devoid of nanoparticles. In A, the colocalisation intensity
threshold was set to the mean intensity, giving false-positive nanoparticle
signal. In B, the intensity threshold was set to the mean + 1 standard deviation,
which effectively screened out all false positive signal. The scale bar is 40 µm.

In Fig. 7.10, images A and B are derived from the same set of CARS images of one
region of cells, without any nanoparticles introduced to them. In A, the colocalisation
intensity threshold was set to the mean intensity (ascertained using the histogram
setting in ImageJ for each of the three epi-CARS images, after normalisation). This
gave false-positive nanoparticle signal arising from low concentration endogenous
chemical bonds excited at these wavelengths that were coincidentally spatially
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colocalised within the cells. For B, the intensity threshold was set to one standard
deviation above the mean, which effectively screened out the false-positive signal. The
effect of this thresholding procedure on the epi-CARS signal of nanoparticles is
illustrated in Fig. 7.9. This setting was used as a calibration to prevent false-positives
throughout the subsequent nanoparticle analysis. Imaging of the nanoparticles alone
showed that the nanoparticle signal was sufficiently intense to avoid being screened out
using this calibration method.

Quantitative analysis of CARS images is a challenge given the nonlinear relationship
between the number of oscillators excited within the focal volume, and the CARS
signal they produce. Colocalisation techniques are a contentious topic in quantitative
fluorescence imaging due to the issues of user bias for subjective approaches, spectral
overlap between two fluorophores, noise fluctuations leading to false positive
correlations etc. We have devised a robust image analysis technique that has enabled
us to detect nanoparticles within live cells.

Fig. 7.11 CARS image of human brain endothelial cells inoculated with ApoEalbumin nanoparticles incubated for 45 minutes (left) and 15 minutes (right).
Scale bars are both 40 µm.

The error associated with the imaging analysis protocol developed in ImageJ was
estimated at +/- 10% for the number of pixels attributed to nanoparticles, calculated by
analysis of signal rejected from known nanoparticle regions in a control sample. This
error value increased for samples where a large number of pixels were saturated, so
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images with > 10% saturated pixels were not used in the analysis. Saturation was
avoided as far as possible during image acquisition by decreasing the voltage supplied
to the epi-PMT. The PMT voltage was kept the same for each region of interest, so as
to avoid artificially altering the signal intensity for different excitation wavelengths.

Both cells inoculated with PEG-albumin nanoparticles and ApoE-nanoparticles showed
signal attributed to the nanoparticles within and outside the cells, as shown in Fig. 7.12
and Fig. 7.11. The signal arising from nanoparticles outside the cells is attributed to
nanoparticles adhering to the collagen coating on the base of the well plates, which was
variable across the areas imaged, dependant entirely on the random spacing between the
cells. For inoculation times of 45 minutes, the percentage of pixels within the cells
associated with nanoparticles were 1.0 % +/- 0.1 % for PEG-albumin and 3.8 % +/- 0.4
%. For inoculation times of 15 minutes, the percentage of pixels within the cells
associated with nanoparticles were not statistically significantly higher than the error.
The nanoparticle signal associated with the cells was strongly overlapped by CH2
signal, indicating the presence of lipid droplets or vesicles in close proximity to the
nanoparticles. This could indicate the onset of invagination of the nanoparticles prior
to endocytosis.

Fig. 7.12 CARS image of brain endothelial cells inoculated with PEG-albumin
nanoparticles for 45 minute incubation (left) and 15 minute incubation (right).
Scale bars are 40 µm (left) and 20 µm (right).
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Since both ApoE-albumin nanoparticles and PEG-albumin nanoparticles were found to
be associated with the brain endothelial cells, further investigation is needed to
determine the effect of the degree of cell confluence on nanoparticle uptake. Due to
agitation during transport to our labs, the cells used in these investigations were not
100% confluent, and it is likely that this affected the degree of nanoparticle uptake.

7.2.1. Cancer Cell Culturing Protocols
The cancer cells used in these experiments were cultured from the A431 human
epidermoid carcinoma cell line, kindly supplied by Maria de la Fuente of the London
School of Pharmacy. Cancer cell growth medium was made up using the following
reagents:

Dulbecco’s Modified Eagle’s Medium (DMEM) 500 mL (Gibco 21969-035)
10% Fetal Bovine Serum (FBS) (50 mL) (Biosera S1810)
1% L-glutamine (100x, 0.3 g/L) (5 mL) (Gibco 25030024)
1% Minimal Essential Medium non-essential amino acids (MEMaa, 5 mL) (Gibco
11140-035)
1.1 mL hydrocortisone solution (28.35 mg of hydrocortisone, dissolved in 5 mL of
ethanol. 0.5 mL of this solution is then dissolved in 12 mL of Earle’s Balance salt
solution to produce hydrocortisone solution.)

A431s cells were cultured in this medium at 37°C and 5% CO2 in T75 and T25 tissue
culture flasks.

Since this is a confluent cell lines, these cells were passaged

(trypsinised) and split 1:4 and the medium was changed every 2 to 3 days. Stock
samples of this cell line were frozen down using FBS + 10% DMSO (previously
filtered with a 0.20 µm filter). A431s cells were used between passages 3 and 10
throughout the following experiments, in order to maintain cultures with comparable
nanoparticle uptake characteristics.

7.2.2. Dendrimer Nanoparticles
Polymeric nanoparticles have shown great promise in nanomedicine, particularly in the
field of gene delivery [190-193]. There is great potential for using gene delivery
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systems for selectively transfecting cancer cells with plasmid or viral DNA while
leaving healthy cells intact. Nano-scale gene delivery vectors have been synthesised
using a variety of materials, the most important of which are cationic polymers and
lipids that allow DNA to be packaged into nanoparticles [190].

Dendrimers are

cationic polymers that form complexes through multivalent electrostatic interactions.
Of all the synthetic gene delivery vectors, dendrimers have particularly attractive
structural properties such as a large ratio of multivalent surface moieties to molecular
volume and well-defined molecular structure making them ideal for use in gene
delivery applications.

Fig. 7.13 Molecular structure of DAB16.

In spite of their regular use by cell biologists, investigation into the method of cellular
uptake of dendrimers is on-going. Recent studies into the efficacy of generation 2 and
3 Poly(Prolylenimine) (PPI) dendrimers has shown their great potential for use in the
development of non-viral, synthetic vectors for transfection of nucleic acids in a variety
of cell types, most notably tumour cells [192, 194]. PPI dendrimers offer an attractive
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means for nanoparticle drug delivery as they self-assemble to form a structure with
100% protonable nitrogens, which enables effective binding to nucleic acids.

Previously, PPIG3/DNA nanoparticles have been shown to be capable of tumour
transfection upon systemic administration in tumour-bearing mice [195]. Depending on
the concentration of DNA used, the size of these nanoparticles can range from 33 to
286 nm, with a colloidal stable and well organized fingerprint-like structure in which
DNA molecules are condensed with an even spacing of 2.8 nm. The following section
will outline the experiments undertaken to determine the distribution of dendrimer
nanoparticles within cancer cells, using stimulated Raman scattering and CARS to
image the cells and their contents.

DAB16 generation 3 PPI dendrimer nanoparticles, the molecule structure of which is
shown in Fig. 7.13, with a molecular weight of 1684 (Sigma Aldrich, UK) and plasmid
DNA were provided by the London School of Pharmacy. As reported in [196],
plasmids were grown in Escherichia coli and plasmid purification was performed using
a QIAGEN Endo-toxin free Giga Plasmid Kit (QIAGEN, Hilden, Germany) in
accordance with the manufacturer’s protocols. Purity of the plasmid was ascertained
using agarose gel electrophoresis. Plasmids were dissolved in sterilised filtered water,
to which filtered TE (Tris EDTA) buffer was added to produce a final pDNA
concentration of 0.5 mg/mL. The TE buffer and -20oC storage conditions were used to
prevent degradation of the DNA, while the dendrimer solution was kept at 4oC and
protected from light.

A protocol developed at the London School of Pharmacy was supplied with the
dendrimer and plasmid DNA, which yielded highly reproducible nanoparticles. To
produce DAB/pDNA nanoparticles, the supplied DAB16 dendrimer was weighed, and
dissolved in sufficient 10% dextrose solution (made with sterilised water and filtered
through a 0.22 µm filter) to produce a final DAB16 concentration of 3.75 mg/mL. This
solution was then pH adjusted from ~pH 11 to pH 9 with a filtered solution of 1M
hydrochloric acid. Next, sufficient 10% dextrose solution was added to bring the
DAB16 concentration to 2.5 mg/mL.

The DAB/pDNA nanoparticles form

spontaneously when mixed together at the appropriate ratios; to produce 180 nm
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diameter nanoparticles with 90% DNA concentration after 30 minutes of mixing, 100
µL of the pDNA solution (0.5 mg/mL) was added to 100 µl of the dendrimer solution at
pH9 (2.5 mg/mL).

The solution was rapidly mixed by vigorous aspiration and evacuation of a micropipette
tip, repeated at least 10 times in the space of thirty seconds. Using these methods, the
final concentration of pDNA in the nanoparticle suspension was 0.25 mg/mL and the
final concentration of dendrimer in the nanoparticles suspension was 1.25 mg/mL,
producing a dendrimer:pDNA mass ratio of 5:1 and a final concentration of diluent at
5% dextrose.

If more than 200 µL of DAB/pDNA nanoparticle suspension was

required, in the interests of reproducibility the volumes used in the above protocol were
never scaled up since the nanoparticle size and characteristics are dependent on the
quantity of reagents.

Control solutions of the pDNA were produced by mixing 100 µL of the pDNA solution
(0.5 mg/ml) with 100 µL of filtered 10% dextrose so that the final concentration of
pDNA in 5% dextrose will be 0.25 mg/ml. Control solutions of the DAB16 dendrimers
were produced by mixing 100 µL of the dendrimer solution with 100 µL of filtered,
sterilised water. After formulation of the nanoparticle solutions, each of the solutions
was characterised by photon correlation spectroscopy and their zeta potentials were
measured (Malvern Zetasizer 3000, Malvern Instruments, UK) by the supplier prior to
experimentation in order to ensure the nanoparticle sizes and concentrations were
consistent with those predicted by the protocol.

Raman spectra of the pDNA and DAB control solutions and the DAB/pDNA
nanoparticles were obtained using the system outlined in Chapter 3, in order to identify
key bonds for use in imaging with cancer cells. Spontaneous Raman spectra were taken
of 200 µL aliquots of aqueous samples deposited onto a glass microscope slide
previously sputter coated with 300 nm of aluminium. The aluminium acted as a
physical barrier to prevent Raman spectra of the glass interfering with the experiment.
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Fig. 7.14 Spontaneous Raman spectrum of DAB, with no background
subtraction.

Fig. 7.15 Spontaneous Raman spectrum of pDNA, with no background
subtraction.
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Fig. 7.16 Spontaneous Raman spectrum of DAB/pDNA nanoparticles, with no
background subtraction.

Initial spectra lasting 10 seconds were taken to optimise the scan settings, such as laser
power and height of the sample stage. Once the settings were optimised, a minimum of
three spectra were obtained for each sample, at three different positions within the
sample spot. One area used was the “coffee ring” at the outermost edge of the sample
spot, one was the centre of the spot and the third was an intermediate position between
the edge and centre. The scans were averaged, background subtracted using a 10 point
positive peak algorithm and smoothed using a fast Fourier transform filter.

Although the spectra obtained for DAB (Fig. 7.14) and DAB/pDNA (Fig. 7.16) were
very similar, and there was no obvious contribution to the DAB/pDNA spectrum from
the plasmid DNA alone (Fig. 7.15) key differences in their peak heights were identified
for use in the co-localisation analysis. These peak height differences arose from
structural changes in the DAB. The lack of signal from pDNA alone is expected, given
that the molecular concentration of the pDNA is much lower than the DAB in the
pDNA/DAB nanoparticle.
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Fig. 7.17 SRS and CARS images of cancer cells with and without dendrimer
nanoparticles. Top row: undosed cancer cell, bottom row: cancer cell dosed
with a high concentration of DAB/pDNA nanoparticles (200 µL per culture dish).
SRS image at 813 nm and 1064 nm (left), EPI-CARS image at the same pump and
Stokes wavelengths (middle) and SRS at 921 nm and 1064 nm (right). Each
image is of a sample area 30 µm across.

Cells were cultured as per the method outlined in section 7.2.1. and exposed to 200 µL
working aliquots of nanoparticle solution for 4 hours under incubation at 37 oC and 5%
CO2.

The inoculation time was selected to correspond with that used by our

collaborators who have previously found nanoparticle uptake into cancer cells using
this protocol, using flow cell cytometry techniques. After the inoculation time had
elapsed, the Fluorodishes were rinsed with 15 mL of DPBS before being immersed in 3
mL culture media. Since the cancer cells were particularly sensitive to agitation by
fluid flow in their culture medium, care was taken to perform the rinsing steps slowly to
avoid any disruption to the confluence of the cells.
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Fig. 7.18 SRS images of confluent cancer cells with dendrimer/pDNA
nanoparticles at a low concentration (100 µL per dish). Scale bar = 50 µm. Top
row: RGB merged images of three confluent cancer cell regions imaged at 813
nm and 1064 nm (red), 938.9 nm and 1064 nm (green) and 821 nm and 1064 nm
(blue); the white pixels marked with arrows indicate signal from nanoparticles.
Bottom row: greyscale images of the same three regions, imaged at 813 nm and
1064 nm, for comparison.

The results obtained from the experiments to detect dendrimer nanoparticles have
shown uptake into A431 skin cancer cells after inoculation for 4 hours when cultures
seeded at 0.2 x 106 cells per dish 24 hours prior to experimentation were exposed to 100
µL and 200 µL of DAB16 dendrimer/pDNA nanoparticles for 4 hours. The higher
concentration lead to gross morphological changes in the cancer cells, including cell
rounding and irregular membrane structure, as shown in Fig. 7.17. The lower
concentration did not appear to affect the normal gross morphology of the cancer cells,
as shown in Fig. 7.18, while at this concentration, nanoparticle uptake was limited to
< 5% of cells in the focal region, as compared to 70% of cells for the higher
concentration dose.
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At higher concentrations, signal from the nanoparticles was detected throughout the
cytoplasm, with a lower density appearing in the nuclear region. As shown in Fig.
7.18, the regions associated with nanoparticles inside the cells at the lower
concentration were smaller (~ 3 – 5 µm in diameter), and were generally associated
with high densities of CH2 signal. This could indicate that the nanoparticles were
envaginated and transported into the cells in lipid vesicles. For the lower concentration
of nanoparticles, nanoparticle signal was found to originate within the nuclear region of
the cells (for ~ 5% of cells with nanoparticle uptake), but in the majority of cases, the
nanoparticle signal was found to originate within the cell cytoplasm.

7.3. Discussion and Conclusions
While CARS offers chemically selective imaging of drugs and biological samples, the
nonresonant background poses a major drawback to detecting small quantities of
chemicals, especially those with low bond densities. The nonresonant background is an
issue that has been only partly resolved by the use of epi-detection. Quantitative
analysis of CARS signals is also made difficult by the nonlinear dependence of the
signal upon the concentration of chemical oscillators in the focal volume. Also, there is
a theoretical limit requiring 106 vibrational modes to be present within the focal volume
before a CARS signal may be detected [134]. This seriously limits the use of CARS as
a technique for investigation of drug transport within cell cultures, where
concentrations of drugs are typically on the nano-molar scale.

In spite of these limitations, the experiments within this chapter have described a viable
method for imaging organic nanoparticles within cells. The first set of experiments to
image organic nanoparticles used apoE-albumin particles with brain endothelial cells.
The aim of these experiments was to provide a means to identify the location of the
nanoparticles within the cells using CARS, in order to better understand the transport
pathways within the blood-brain barrier, of which brain endothelial cells are arguably
the most important feature.

The technique employed involved taking spontaneous Raman spectra of the apo-Ealbumin and control PEG-albumin nanoparticles (as shown in Figs. 7.6 - 7.8) and
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identifying key peaks for interrogation under CARS microscopy. Since the CARS
spectra are distorted with respect to the corresponding spontaneous Raman spectra (as
discussed in Chapters 2 and 3), it was necessary to determine the pump and Stokes
wavelengths required to probe the CARS peak. This was achieved by tuning the OPO
to match the Raman peak of interest, before rapidly imaging a spin-coated sample
consisting of a nanoparticle suspension on a coverslip, and tuning the wavelengths to
find the peak intensity image. Once the appropriate pump and Stokes wavelengths
were thus ascertained, images could be taken of cells exposed to the nanoparticles at the
various peaks chosen from the spontaneous Raman spectra of the nanoparticles.

Once CARS images had been obtained of all the Raman peaks in apoE-albumin or
PEG-albumin that were of interest, for samples of cells exposed to nanoparticles over a
range of times, a colocalisation method for determining signal arising only from the
same spatial location within each of the images was used to screen out false-positive
signal. Additionally, the intensity ratios expected for the different Raman peaks (as
ascertained from the spontaneous Raman spectra) were used to screen out spatially colocalised signal that was not from the same molecular vibrations as in the nanoparticles.
Combining these techniques with an intensity thresholding method provided images
that could be confidently said to show the locations of the nanoparticles within the
sample, as illustrated in Figs. 7.11 and 7.12. Although there were regions where
nanoparticles were clearly associated with the cells, it was difficult to determine
whether they were inside the cells or merely membrane-bound. The increased signal at
the CH2 resonance associated with these regions would lend support to the argument
that there were within the cell, given that such signal would be expected to arise from
vesicle formation around the particles as they are taken in. These experiments showed
no difference between the uptake of PEG-albumin and apoE-albumin into brain
endothelial cells, indicating that apoE is not expected to make a significant
improvement to particle uptake into the brain. Further work is needed to determine
whether this is the case for a confluent layer of endothelial cells on a permeable
membrane rather than a plastic culture dish. The mechanisms of transport across these
cells might require them to be on a permeable membrane in order for the effects of
apoE on particle uptake to be conclusively proved.
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A second type of organic nanoparticle, a dendrimer which has been used to transfect
cancer cells with plasmid DNA as part of a gene therapy strategy, was investigated in
section 7.2.1. Spontaneous Raman spectra of the dendrimer, the plasmid DNA (pDNA)
and the dendrimer-pDNA nanoparticles were taken (Figs. 7.14 – 7.16), from which
peaks of interest were selected. For SRS imaging, the pump and Stokes wavelengths
were set to match the spontaneous Raman spectra’s peaks of interest, since the SRS
spectra are analogous to those of spontaneous Raman. CARS peak detection was
accomplished in the same manner as for the apoE nanoparticles. The images obtained
were analysed in a similar manner to those for the apoE nanoparticles and showed the
spatial distribution of dendrimer-pDNA nanoparticles as being predominantly within
the cell cytoplasm, with a small percentage (~5%) associated with the nuclear region.
These experiments have shown the viability for this technique to detect nanoparticles
within cells, and identify regions within the cell in which the particles aggregate. This
information is crucial for new drug delivery platforms such as gene therapy. Future
work will focus on the effects of dosing and exposure time to the particle uptake rate.

Stimulated Raman scattering was explored as a means of chemically selective imaging
of tissue with intrinsic lack of nonresonant background. The images obtained have
shown exquisite chemical selectivity and SRS spectra that are analogous to their
corresponding spontaneous Raman spectra. However, an issue with our imaging setup
was the existence of a background on the image that often appeared as an interference
pattern, an example of which is given in Fig. 7.5. Subsequent to the original work
reporting SRS as an inherently background free imaging modality, work has been
published describing the very same background we experienced [112].

This

background has been explained as a cross-phase modulation effect. When two highpowered lasers are incident on a sample, the refractive indices of the sample can be
modulated via the optical Kerr effect.

This effectively alters the path length

experienced by the two laser beams, and leads to the interference patterns we
experienced. The effect of this background was minimised as far as possible by careful
alignment of the condensing lens, and by zooming in onto regions of the image that
were indeed background-free.
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To fully exploit SRS as an imaging technique, more efficient methods for overcoming
the cross phase modulation are required. One previously stipulated method for this
would be to use a condensing lens with a higher numerical aperture than the objective
lens; this has been shown to reduce the effect of cross phase modulation. Not only
should the lens be of high numerical aperture, but the working distance should be large
enough to facilitate imaging of live cell cultures. The current SRS collection lens
(Nikon Fluoro, 60 x NA 1.0) is a water immersion dipping lens with a working distance
of 2 mm, which is suitable for imaging tissue slices as well as cell cultures.

The SRS images obtained using this lens have demonstrated its ability to work equally
well with thin samples of tissue sandwiched between a coverslip and a glass
microscope slide, as demonstrated in section 7.2.1, as well as with live cell cultures, by
dipping it directly into the cell culture medium as shown in section 7.2.2. The latter
application is not ideal for time lapse imaging, due to the risk of contamination to the
cells once they are uncovered in an unsterile environment.

Also, with the cover

removed from the Fluorodishes, the risk of rapid evaporation of the medium, and the
potential for condensation to form on the optics within the microscope, is too great for
the temperature to be maintained above 21oC. These issues could be overcome by the
development of more specialised sterile cell culture dishes for use specifically with this
setup, combined with a higher NA collecting lens with a greater working distance.
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Further Work

I

N THIS THESIS, THE

application of nanotechnology to biophotonics using a variety of

methods to enhance Raman scattering has been explored. Both surface enhanced

Raman scattering and coherent Raman scattering were employed to investigate protein
binding, live cell interaction with nanoparticles, and tissue structure and interaction
with drug molecules. The work undertaken has shown the great potential for these
techniques to non-invasively probe sub-diffraction limited molecular interactions in
biological samples, with potential application in a wide range of research areas
including medicine, forensics, pharmacology, pathology and industry.

The aims of this thesis were to use nano-enhanced Raman scattering methods to
enhance the resolution, chemical specificity and contrast in a range of biophotonics
applications including protein assay, cell and tissue imaging, gold nanoshell interaction
with live cells for contrast and photodynamic therapy and the imaging of organic
nanoparticles with live cells. The experiments described in Chapters 5 detailed a novel
method for improving contrast and chemical specificity in SERS-based protein assays
using novel nanostructures inspired by butterfly wings.

Chapters 6 and 7 gave an account of experiments using coherent Raman scattering
microscopy processes to enhance the signal obtained from live cells and tissues
interacting

with

various

nanoparticles,

demonstrating

sub-diffraction

limited

“resolution” of nanoparticulate signal from sub-pixel regions. These experiments have
addressed and achieved the aims of the thesis, as explained in the summaries given
below.
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8.1. SERS Using Biological and Biomimetic Nanostructures
8.1.1. Summary
Chapter 5 detailed the production, characterisation and application of macroscopically
two dimensional metallic nano-scale arrays to surface enhanced Raman scattering
(SERS) protein assaying. Two varieties of SERS platforms were produced, both of
which were inspired by the naturally occurring nanostructures on butterfly wings. The
wings of male Graphium weiskei butterflies and a biomimetic analog structure
produced using reactive ion etching of a layer of polymer, were coated with gold and
silver using thermal metal evaporation in custom-built evaporators.

Their Raman enhancement factors were determined using self-assembled monolayers
of benzene thiol, formed by immersing the cleaned substrates in an ethanolic solution
of benzene thiol. By calculating the maximum possible number of benzene thiol
molecules in the focal area, and determining the SERS signal per molecule, it is
possible to determine the enhancement factor by dividing this figure by the normal
Raman signal obtained per molecule from a known number of benzene thiol molecules
in bulk solution. When corrections are made for variations in laser power and scan
times used, a value for the enhancement factor may thus be determined. The SERS
enhancement is strongly dependent upon the size and shape of the nanostructure. When
different thicknesses of metal were evaporated onto the butterfly wings, the shape of
the metalized nanostructures was altered.

This had the effect of causing the

enhancement factor of the substrates to change with metal thickness, in a manner
illustrated in Fig. 5.6, from which the optimum metal thickness for use in the SERS
assay was determined.

Gold was selected for the protein assay due to its chemically inert properties; the lack
of an oxide layer on the surface resulted in stable substrates with enhancement factors
that were found to be consistent even up to two weeks after metal evaporation. In
addition, the biologically inert properties of gold were preferable for use in protein
experiments, in order to create binding conditions that were unperturbed by
unpredictable protein- metal surface chemistry. Avidin and biotin were selected as the
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binding pair of choice for the protein binding assay, since they are so well characterised
and ubiquitous in assaying technology.

Two different linker molecules were

investigated for conjugating avidin to the metal surface, 3-mercaptopropanoic acid
(MPA) and cysteamine, and the optimum deposition time for these molecules was
determined by examining the SERS spectra. The linker molecules were conjugated to
avidin using dimethylaminopropyl carbodiimide (EDC) and 0.005 M n-hydroxy
succinimide (NHS) in 2-(N-morpholino) ethanesulfonic acid (MES) buffer solution to
facilitate binding between the proteins in avidin, and the linker molecule.

Once the binding protocol was perfected, it was found that MPA gave the most
reproducible binding to avidin, so this was the linker molecule of choice for the assay.
Once bound to avidin, SERS spectra could be obtained with the substrate under a
droplet of phosphate buffered saline. The biotin binding assay yielded two peaks of
interest whose heights were found to alter with respect to each other as the
concentration of biotin in solution was increased.

When plotted on a log scale, the ratio of these two peak heights gave a log-linear
relation, which indicated that an initial molecule of biotin binding to a molecule of
avidin reduced the binding affinity for subsequent biotin-avidin binding events. The
assay was sensitive over a concentration range comparable with that of ELISA assays.
The work undertaken in this chapter has potentially paved the way for next-generation
SERS protein binding assays that can be rapidly and inexpensively performed in
hydrated conditions, which has potential applications in disease diagnosis, defence,
environmental monitoring and food safety, to name but a few areas of interest.

8.1.2. Future Work
Now that the efficacy of biomimetic substrates for SERS protein assays has been
proven, the next stage of research in this field should involve developing a rapid
production method of these substrates. The reactive ion etching technique employed to
produce the biomimetic substrates in Chapter 5 yielded highly reproducible nanostructured arrays over areas 1 cm2 in mass after only 8 minutes exposure to the oxygen
plasma, which could then be broken down to produce up to 25 substrates. Subsequent
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evaporation of gold took ~2.5 hours for up to 12 substrates simultaneously, depending
on the thickness of metal required. The total time taken to produce 25 such biomimetic
substrates using the techniques outlined in Chapter 5 is estimated at 4 hours, although
for industrial applications this could be greatly improved by adopting a production line
technique.

While this technique represents a more rapid and less expensive technique with higher
throughput than electron beam lithography and other traditional production methods, it
is still not rapid and robust enough for application in industry. The time-limiting
factors in this production technique arise from the time taken to pump the evaporation
chamber down to vacuum prior to metal evaporation, and the formation of spherical
monolayers on the PMMA surface, which is currently performed by hand. Therefore,
more appropriate methods such as automated nano-imprint lithography techniques
combined with larger, higher through-put metal evaporation chambers with more
efficient vacuum pumps should be investigated to reproduce the structures found to
give the highest enhancement factors.

Once the substrate production methods have been improved for industrial applications,
the next stage of research in this area would be to investigate the system for use in a
real-world assaying problem.

There are many such assay problems, including:

screening of samples from patients for bacterial and viral infections; BSE testing of
bovine brain stem samples; quantification of the levels of allergens in food
manufacture; monitoring the levels of pesticides in crops and animals. Each of these
applications would benefit from more rapid, less expensive and more sensitive assaying
technology.

One possible outcome of further research in this field would be the

development of a commercially available self-contained bench-top system connected to
a database of spectra that could provide real-time analysis of samples with minimal
error.
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8.2. Biophotonic Applications of Gold Nanoshells
8.2.1. Summary
Since gold nanoshells have been shown to be effective photo-therapeutic agents of
tumours in mice when transported to the site of the tumour by white blood cells [96],
the primary aim of the experiments in Chapter 6 was to investigate the interaction of
gold nanoshells and white blood cells using coherent anti-Stokes Raman scattering
(CARS) microscopy. To that end, the manufacture process of gold nanoshells was
investigated, and the characterisation of nanoshells using scanning electron microscopy
was used to verify the nanoshell structure.

The plasmon characteristics of the

nanoshells were measured as a function of surrounding medium, using a dark-field flow
cell to obtain scattering spectra. The photoluminescence and photo-thermal properties
of the characterised gold nanoshells interacting with cell cultures under CARS
microscopy conditions were then investigated.

It was found that the nanoshells provided excellent contrast in CARS images for a
broad range of pump and Stokes wavelengths, and this property was exploited to
monitor the interaction between gold nanoshells and murine (mouse) macrophage cells.
A laser power study followed by trypan blue vital staining of cell cultures revealed that
photo-thermal ablation of the gold nanoshells lead to cell death only when the laser
energy at the sample was above a threshold of 10 J, and that the percentage of dead
cells increased linearly between laser energies of 10 J and 35 J at the sample. The
threshold of 10 J was used as to determine the maximum allowed laser power in CARS
imaging of macrophages containing nanoshells without causing cell death.

The experiments investigating the distribution of nanoshells inside macrophages have
shown that CARS can be used to image these particles and determine their localisation
within the cell.

The ability to determine cell dosing in this manner would be

particularly pertinent when planning treatment of tumours using intravenously
introduced nanoshells.
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A secondary aim of this chapter was to examine the effects of hydrogen sulphide upon
the level of nanoshell uptake in mouse macrophage cells. Hydrogen sulphide has been
postulated to have a pivotal role in inflammation among other processes, but the effects
of it upon cellular dynamics are not yet fully understood [172]. One of the issues facing
research in this area is that the method for introducing hydrogen sulphide into tissue
and cell cultures has traditionally required the use of NaHS, which is not an ideal H2S
donor as it releases the gas very rapidly in solution, leading to conditions that are not
analogous to those in vivo.

A novel hydrogen sulphide donor, GYY4137, that releases H2S much more slowly than
NaHS was introduced to cultures of macrophage cells over a range of concentrations,
prior to the introduction of nanoshells to the culture medium. The effects of GYY4137
upon nanoshell uptake were determined by analysis of CARS images. To compare the
effect of this slow-releasing H2S donor with a traditional donor, the experiments were
repeated using NaHS for the same molar concentrations in the cell medium.

The results of the hydrogen sulphide experiments showed that both NaHS and
GYY4137 increased the uptake of nanoshells in macrophages. However, cells exposed
to NaHS were found to have a markedly higher intake of nanoshells, with each imaged
cell having signal from ~ 80% of its pixels attributable to nanoshells, compared with
only 18% - 30% attributable to nanoshells for cells exposed to GYY4137. This would
appear to indicate that even when the final concentration of hydrogen sulphide within
the cell medium is identical, when it is released rapidly, cells respond by increasing the
rate at which they take in nanoshells. Another possible reason for the difference in
uptake could arise from interactions between the H2S donors and the nanoshell
surfaces, leading to altered interactions between the modified nanoshell surface and the
cells. Assuming H2S to be a biological marker of inflammation or tissue damage, it is
intuitive that white blood cells would respond by increasing their levels of
phagocytosis. The physical mechanisms involved in cellular particle uptake that are
affected by H2S concentration levels are not yet understood; there is great scope for
further research in this field.
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8.2.2. Future Work
The use of CARS as both an imaging and photo-therapy modality for nanoshells within
macrophages has now been demonstrated. The next stages of research in this field
should focus on the investigation of antibody surface-modified nanoshells for use with
both cells and live animals, in order to determine the efficacy of such targeted therapy
techniques.

The experiments in Chapter 6 have highlighted the importance of the choice of donor
molecule upon the outcome of experiments investigating the effect of H2S on cells and
tissues. Further work is needed to determine the mechanism behind this difference in
cellular uptake of nanoshells, be it directly related to the hydrogen sulphide
concentration, or a result of surface modification to the nanoshells by the donor
molecules, or some other mechanism. Investigation of the surface of nanoshells in the
presence of the donor molecules using surface enhanced Raman scattering could
potentially provide an insight into this issue.

8.3. Label-free Imaging of Organic Nanoparticles
8.3.1. Summary
One of the major hurdles when investigating the interaction of drug molecules in
biological samples is the difficulty of verifying the localisation and concentration of
drug within the sample using traditional detection methods such as MRI, PET and
SPECT, which all require the introduction of extrinsic contrast agents [180, 181].
There is a need for detection methods that may non-invasively detect drug molecules
without the need for the introduction of contrast agents or fluorophores. In Chapter 7,
coherent Raman scattering microscopy was used to develop chemically-specific
protocols for identifying nanoparticle drug molecules within cell cultures and tissue
sections. This involved quantitative analysis of signal from both coherent anti-Stokes
Raman scattering (CARS) and stimulated Raman scattering (SRS) images, using
excitation wavelengths selected to excite Raman bands chosen from spontaneous
Raman spectra of the drug molecules.
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The data obtained in the experiments in sections 7.2.3 and 7.2.2 have shown that CRS
microscopy can be used to detect signal from dendrimer-pDNA nanoparticles and
APOE-albumin nanoparticles within cultures of live cancer cells and brain endothelial
cells, respectively. The colocalisation techniques used to analyse the images in these
sections were developed using ImageJ, and have effectively screened out noise to only
give signal attributable to drug molecules.

Images of brain tissues in section 7.2.1 demonstrated the clarity with which the bloodbrain barrier may be imaged using stimulated Raman scattering microscopy. Fig. 7.2
illustrates the improved signal obtained from purely resonant signal of SRS within a
region of a mouse brain rich in nerve fibre bundles, compared with the same region
imaged using epi-CARS. Not all regions of the brain contain the same features, as was
shown in Fig. 7.3 which showed a region much more sparsely innervated by nerve
fibres. The SRS images showed a strong signal from red blood cells which was equally
intense across a wide range of excitation wavelengths, including those that probe the
silent region in biological Raman spectra. This arises from stimulated excitation of
fluorescence from the haem group within the red blood cells contained in the blood
vessels, and hence is not dependent on excitation of a Raman band. Signal from the red
blood cells may therefore be used as a method for identifying small blood vessels and
capillaries within the brain using SRS microscopy, without having to tune the OPO to a
lower temperature to obtain pump and Stokes wavelengths of 816 nm and 1064 nm to
excite the CH2 resonance that provides gross structural detail of the neurons and blood
vessel walls. This will help reduce experimentation time and will permit rapid imaging
of drug molecules which exhibit Raman bands within the silent region.

8.3.2. Future Work
Now that the ability of SRS microscopy to detect signal from drug molecules has been
demonstrated, the next step is to develop a calibration technique to correlate the
intensity of the signal with the concentration of the drug molecules in the focal volume.
To that end, a flow cell may be designed to fit onto the CRS microscope, through which
known concentrations of drug molecule in solution may be passed. The measured SRS
signal intensity may be normalised against the back-reflected light detected on the epi183
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channel (without any filters in place) to account for fluctuations in the laser power, and
plotted as a function of drug concentration to produce a calibration curve.

This

information may then be used to determine the detection limit of the SRS system, and
thus the lowest possible detectable drug concentration. Should the limit of detection
permit the analysis of samples containing typical concentrations of a given drug,
quantitative analysis of the drug within tissues may then be undertaken.

Future work will also make use of recent advances in coherent Raman scattering
techniques to avoid the issues of the nonresonant background and allow quantitative
analysis of samples.

Such advances include heterodyne-detected CARS [110], a

technique that can be performed using a similar experimental setup to that employed in
this thesis for stimulated Raman scattering that completely separates the real and
imaginary components of the nonlinear susceptibility, described in Chapter 3. This
yields a signal that, like SRS, is linearly proportional to the concentration of vibrational
modes within a sample. Current drawbacks to this method involve sensitivity to air
fluctuations across the laser beam path, but with further investigation into techniques to
improve this, heterodyne-CARS is an attractive addition to coherent Raman scattering
microscopy for biological applications.
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